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SUMMARY The rise in fluorescence-based imaging techniques over the past 3 de-
cades has improved the ability of researchers to scrutinize live cell biology at in-
creased spatial and temporal resolution. In microbiology, these real-time vivisections
structurally changed the view on the bacterial cell away from the “watery bag of en-
zymes” paradigm toward the perspective that these organisms are as complex as
their eukaryotic counterparts. Capitalizing on the enormous potential of (time-lapse)
fluorescence microscopy and the ever-extending pallet of corresponding probes, ini-
tial breakthroughs were made in unraveling the localization of proteins and moni-
toring real-time gene expression. However, later it became clear that the potential of
this technique extends much further, paving the way for a focus-shift from observ-
ing single events within bacterial cells or populations to obtaining a more global
picture at the intra- and intercellular level. In this review, we outline the current
state of the art in fluorescence-based vivisection of bacteria and provide an over-
view of important case studies to exemplify how to use or combine different strate-
gies to gain detailed information on the cell’s physiology. The manuscript therefore
consists of two separate (but interconnected) parts that can be read and consulted
individually. The first part focuses on the fluorescent probe pallet and provides a
perspective on modern methodologies for microscopy using these tools. The second
section of the review takes the reader on a tour through the bacterial cell from cy-
toplasm to outer shell, describing strategies and methods to highlight architectural
features and overall dynamics within cells.

KEYWORDS fluorescence microscopy, GFP, advanced microscopy, bacterial
physiology, dyes, fluorescence

INTRODUCTION

When Antoni Van Leeuwenhoek (1632 to 1723) took a first glance through a new
home-made instrument combining the power of lenses and light, he discovered

a novel universe filled with small single-celled organisms or “animalcules” hidden away
in plain sight. At that time, this groundbreaking discovery that allowed visualization of
an invisible world was met with skepticism and critique, but it later paved the way for
microbiology as a new scientific field that focuses on life at and below the micrometer
level (1).

The limited resolving power of bright-field light microscopy and the absence of any
obvious internal compartmentalization in bacteria long supported the view that these
tiny organisms were no more than watery bags of randomly distributed molecules and
enzymes that constantly collided into each other, thereby making unstructured, pro-
karyotic life possible. This long-standing paradigm quickly changed with the introduc-
tion of fluorescent techniques into the field of bacteriology that allowed vivisection
of the bacterial “black matter” to find a complex and highly structured subcellular
organization (2–7). In particular, the arrival of (auto)fluorescent proteins such as green
fluorescent protein (GFP) initiated a new era in microscopy and microbiology by
providing a highly specific output with high signal-to-noise ratios while at the same
time being minimally invasive due to their endogenous implementation in the host’s
genetic blueprint. These first studies mainly focused on protein localization patterns
and expression profiles of target genes (2, 4, 8–13), while over the years the focus
shifted to capturing the intra- and intercellular dynamics in a more quantitative manner
(14–16). This transformation was supported by the expansion of the fluorescent probe
pallet combined with an increased sophistication of the microscopy hardware and
software. The high-paced maturation of fluorescence microscopy and its toolbox
enabled spatiotemporally tracking of various characteristics at the (sub)cellular level,
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eventually leading to the discovery of new concepts such as intercellular heterogeneity
within isogenic populations (17–19).

In this review, we attempt to give an extensive overview of fluorescence-based
imaging methodologies and strategies that can be used to uncover architectural and
dynamic features at the bacterial intra- and intercellular level. In the first main section
of the text (“A Fluorescent Toolbox for Bacterial Vivisection”), we focus primarily on the
technical aspect of fluorescence imaging, describing the different fluorescent probe
types and imaging techniques that are commonplace in the field. The second main
section of the text (“A Fluorescent Journey through the Cell Body”) focuses on different
case studies to exemplify the use of state-of-the-art strategies and probes to address
outstanding questions in bacterial physiology.

A FLUORESCENT TOOLBOX FOR BACTERIAL VIVISECTION
Fluorescent Probe Pallet

Closely following the initial description of fluorescence as a phenomenon in
1845 (20), the first synthetic fluorophores were developed (21). However, it was not
until the arrival of microscopes compatible with these earliest fluorescent probes
(22, 23) that applications in different research fields of biology emerged (24–27).
These early fluorescent labeling strategies contributed to the initial understanding
of the subcellular order in bacteria (2, 28), but it was the advent of green fluores-
cent protein (GFP) as a live-cell molecular beacon that transformed live cell biology
and provided an avant-garde approach to convert standing theories into visual
experiments. It soon became apparent that this novel fluorescent protein (FP) had
several limitations, leading different research groups into attempts to find the ideal
fluorescent (protein- or dye-based) probe that is bright, photostable, and highly
specific in its tagging and does not perturb the target’s function or other aspects
of cellular physiology (29–36). Initial studies mainly focused on directed evolution
and targeted synthetic rearrangements of the GFP scaffold (37–39), but the field
gradually shifted toward discovering and rationally developing completely new
probes (40–49). This led to an enormous probe pallet with a variety of spectral and
photochemical properties that is still rapidly expanding to date.

The experimental quality and outcome of fluorescence-based experiments is always
highly dependent on the fluorophore used in a particular setup. Selecting the right
probe for a specific experimental setup has thus become an integral part of the cell
biologist’s task and requires thorough knowledge of the numerous tagging possibilities
and their characteristics. Despite its widespread application, there is unfortunately no
standard “one size fits all” protocol for using fluorescent probes in microscopy or cell
cytometry.

Here, we will first discuss the different classes of fluorophores that are currently
available and commonly used in bacteriology. Since the potential of these fluorophores
as probes to peek inside the cell was recognized, a vast collection of probes was
created, every single one of them having specific advantages and disadvantages. Three
main classes of probes can meanwhile be distinguished: (auto)fluorescent proteins
(FPs), chemical or small molecule dyes, and hybrid probes. The choice for a specific
fluorophore belonging to one of these classes depends on numerous factors, such as
the stability and optical properties of the probe, the cellular environment of the target,
and the nature and duration of the experiment. Furthermore, the surge in new probe
development has paved the way for multiplexing different tag types and colors, leading
to an unprecedented advancement in capturing the global cellular workings.

(Auto)fluorescent proteins. The most widespread probe type used in live-cell
biology is based on (auto)fluorescent proteins (FPs) that are defined by a cofactor-
independent chromophore that is inherent to the protein sequence itself (3, 50). This
protein family constitutes bulky probes (�27 kDa) with high tagging specificity and a
need for molecular oxygen to mature the intramolecular chromophore (51). Over the
years, directed evolution and rational design approaches have led to a collection of
spectral variants with improved photochemical properties, such as shorter maturation
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times, lower oligomerization probability, and better photostability. Several reviews (50,
52–54) and websites (http://www.fpvis.org; https://www.fpbase.org [55]) provide a
thorough overview of the existing fluorescent protein probes and their characteristics.

More than 2 decades ago, Chalfie et al. (3) were the first to successfully clone GFP
as an expression and localization tag in both prokaryotic and eukaryotic organisms.
Their experiments followed almost 30 years after the serendipitous discovery of the
autofluorescent GFP by Osamu Shimomura in “squeezates” of luminescent organs from
the jellyfish Aequorea victoria and clearly showed that no exogenous substrates or
cofactors were necessary for its fluorescence (3, 56, 57). The attractive characteristics of
this new probe type caused a rush on fluorescent protein evolution aiming to find new
and more spectrally desirable variants (29, 30, 32, 39, 50, 53). However, these evolu-
tionary attempts also uncovered the limitations of directed evolution in improving the
spectral abilities of GFP, pushing scientists to look for new autofluorescent proteins in
the marine ecosystem (41, 43, 58).

All the intrinsic fluorescent proteins known to date share a similar tertiary structure
and have similar mechanisms of fluorophore formation but can differ in their tendency
to oligomerize (38, 50, 58–60). The GFP chromophore is encoded by its primary amino
acid sequence and forms spontaneously under aerobic conditions through a self-
catalyzed protein folding mechanism and intramolecular rearrangements (61). The
light-absorbing properties of GFP depend on the cyclization of residues within a single
hexapeptide sequence starting at amino acid 64. It is assumed that this self-catalyzed
reaction is initiated by two other residues (Arg96 and Glu222) invariantly present in every
FP discovered to date (61). The typical 11-stranded cylindrical �-barrel geometry
protects the structural integrity of the chromophore, while leaving the N and C termini
exposed at the surface and accessible as protein fusion linkers (Fig. 1A).

It is this rigid protein topology that allows for an exploitation of the fluorescent
protein’s structural characteristics and paves the way for new functionalities. FPs have
proven to be extremely robust to circular permutations whereby the original spatially
adjacent N- and C- termini are joined and new termini are created (Fig. 1Bv), retaining
the overall structure and ability to fluoresce but changing characteristics such as pKa
value and orientation of the chromophore to the fusion partner (62–65). Furthermore,
the barrel can be split into two separate fragments which are each nonfluorescent but
can reconstitute into a native-like fluorescent complex when brought into close
proximity via the interaction of a fusion partner (Fig. 1Bvi). This technique (called
Bimolecular Fluorescence Complementation [BiFC] or split FP) has over the years
improved the detection of protein-protein interactions and is finding its way to other
in vivo applications (66–72). It is important to note here that the maturation of the split
FP, a process that starts when the complementary fragments associate, is equivalent to
that of the intact fluorescent protein (73).

New mutations and characteristics were gradually added to the GFP toolbox over
the course of the past 20 years, leading to a dispersion of different GFP alleles in labs
and institutes all over the world. Even though specific mutations can have a severe
impact on the probe’s photochemical properties, proper information on the genealogy
of the used GFP allele is often lacking. Wild-type Aequorea GFP (wtGFP) exhibits a
dual-excitation phenotype with a maximal excitation peak occurring at 397 nm and a
minor secondary peak residing at 476 nm as a consequence of the protonated-
deprotonated equilibrium at Tyr66 (74–76). The first mutation that was thoroughly
characterized replaced Ser65 with a threonine, leading to a permanent deprotonation
of Tyr66 and thus a single excitation peak at 489 nm. In addition, this amino acid change
also increased the brightness and maturation speed of the FP without changing the
emission characteristics (29, 77, 78). This GFPS65T was further modified (F64L) to yield
enhanced GFP (EGFP or GFPmut1), which showed increased protein maturation effi-
ciency at 37°C (79) but is slightly more sensitive to pH and still has a weak tendency to
form homodimers. Another significant contribution to the field was made through the
development of “superfolder” GFP (sfGFP), a highly mutated GFP allele that has
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FIG 1 Tertiary structure and tagging possibilities of (auto)fluorescent proteins. (A) Typical structure of an (auto)fluorescent protein exemplified by
GFPS65T (38; PDB ID 1EMA). This probe family is characterized by the typical 11-stranded, �-barrel geometry that is found in all FPs known to date and

(Continued on next page)
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improved folding kinetics, is more resistant to chemical denaturants, and displays an
improved tolerance to circular permutation (80).

Besides enhancing functionality and robustness through the use of rational design,
structure-based mutagenesis and directed evolution, several groups focused on wid-
ening the spectral range of GFP-derived probes looking for orthogonal combinations
(50, 81). The availability of spectrally independent variants supports the imaging of
multiple fluorophores in the same sample (i.e., multiplex or multicolor imaging) and
enhances the dynamic range of fluorescence microscopy (82). However, to ensure a
reliable separation of each fluorophore signal, it is essential to have a (large) separation
between the spectral distributions of the multiplexing probes (83). As the ranges in
which fluorophores accept and reemit photons (i.e., excitation and emission spectra,
respectively) are generally known to be broad, finding valuable spectral GFP variants
that are neither excited by the same wavelength (i.e., cross-excitation) nor emit an
overlapping signal (i.e., cross talk or bleed-through) presented a long-standing chal-
lenge (50, 82, 84). Eventually, this search for compatibly colored GFP derivates led to a
wealth of new synthetic FPs of which a few are highlighted in the section below. It is
noteworthy that for multicolor imaging, GFP is often difficult to combine with its
derived FPs, whereas the blue- and yellow-shifted variants (see further in this section)
themselves effortlessly support dual-color experiments. For setting up multiplex exper-
iments, the online FPbase Fluorescence Spectra Viewer provides a valuable tool that
enables inspecting the spectral distribution overlaps of different probes (55).

Blue FP (BFP) was one of the first spectral variants that was derived from wild-type
GFP and contains a substitution of Tyr66 with a histidine shifting the excitation band
close to 380 nm, while emission peaked at 488 nm (37, 39, 85). Quickly, an alternative
arose for this poorly photostable color variant of GFP by changing the same Tyr66 to
a tryptophan (Y66W), building cyan FP (CFP), which was further enhanced in other
versions by adding additional substitutions in the chromophore and the �-barrel
structure (29, 37, 81, 85). This Y66W mutation yielded a fluorophore with a complex,
bimodal excitation (433 and 445 nm) and emission (475 and 503 nm) spectrum. Efforts
to simplify the CFP excited state led to Cerulean, a high-performance variant that
carries additional mutations, leading to a higher extinction coefficient (i.e., stronger
light absorption) and increased quantum yield (86). Other important variants in this
spectral region are the mTurquoise series (87, 88) and CyPet (89).

The quest for longer-wavelength emitting variants of Aequorea GFP halted in the
yellow spectrum. A substitution of Thr203 leads to a shift toward longer wavelengths
and generates yellow FP (YFP), a yellowish-green emission protein (38, 50, 90, 91). Its
enhanced version (EYFP) has become one of the brightest and most utilized FPs,
despite its increased acid and chloride sensitivity (81, 92). Continuous efforts in im-
proving this spectral variant led to the development of Citrine, in which a Q69M
substitution drastically increases both acid and chloride resistance (93). Later, Nagai et
al. (94) further improved this FP to Venus (named after the brightest object in the
nighttime sky) by switching a phenylalanine with leucine (F64L) and thereby dramat-

FIG 1 Legend (Continued)
that forms a protective structure around the endogenous, hexapeptide chromophore. Both the N and C termini of the protein remain surface exposed
in the tertiary structure and are accessible as protein fusion linkers. The dimensions given are specific to GFP. (B) Overview of the different tagging
possibilities of FPs and their structural variants. It is important to note that the chromophore of these fluorescent probes forms spontaneously under
aerobic conditions through a self-catalyzed folding mechanism and intramolecular rearrangements and has no need for exogeneous cofactors. (i) FPs
can be used to report on promoter activity by putting the FP gene under the control of the promoter of interest (i.e., transcriptional fusion). (ii to iv)
The rigid protein topology and surface-exposed termini of FPs support the formation of protein chimera between the fluorescent probe and a target
protein. The protein of interest can be translationally fused to one of the termini of the FP or can be inserted internally in the probe sequence to
function as a sandwich fusion. (v) FPs have proven to be extremely robust to circular permutations. In circular permutation, the original N and C termini
are joined, and new termini are created. This modification changes the characteristics of the fluorescent probe without changing the overall structure,
nor its ability to fluoresce. (vi) In Bimolecular Fluorescence Complementation (BiFC or split FP) FPs are split into two separate, nonfluorescent
fragments. When these two fragments are brought into close proximity of each other via the interaction of their corresponding fusion partners, a
native-like fluorescent complex can be reconstituted. Native N and C termini are indicated in panel i, the target protein (exemplified by PDB ID 1DZO)
(863) and its gene are indicated in purple, an apostrophe indicates a split-up gene structure, cp indicates circular permutation, N* and C* indicate
nonnative termini, Split-N or Split-C indicate split fragments corresponding to the original N- or C-terminal domain of the cognate protein, and orange
lines represent (additional) linker amino acids or peptides.

Cambré and Aertsen Microbiology and Molecular Biology Reviews

December 2020 Volume 84 Issue 4 e00008-20 mmbr.asm.org 6

https://doi.org/10.2210/pdb1DZO/pdb
https://mmbr.asm.org


ically improving maturation efficiency and halide resistance. However, the photosta-
bility of this protein still remains only 25% that of EYFP.

These yellow spectral variants of Aequorea-based FPs remain the most red-shifted
GFP derivatives to date, despite years of mutagenesis and evolutionary attempts (50,
90, 95). The interest in more red-emitting proteins was further driven by the fact that
cellular autofluorescence (mainly emitted at the blue-green wavelengths) is signifi-
cantly lower in that specific spectral region and that these wavelengths allow greater
penetration depths and longer excitation times due to the lower energy of the incident
light (96–98). Among others, these properties make red-shifted fluorescent proteins
(RFPs) superior probes for approaches requiring low background noise and for visual-
ization of bacteria in tissue samples and eukaryotic hosts (97). To find these RFPs,
several groups of researchers searched the marine ecosystem for GFP-like proteins and
found these in the color diversity of the Anthozoa family covering the coral reefs (99,
100). One of the first FPs that was isolated and characterized from this new family of
autofluorescent proteins came from the sea anemone Discosoma striata and was
originally called drFP583 but is nowadays better known as DsRed (41). This protein
provided the long-sought characteristics of a high wavelength excitation (558 nm) and
emission (583 nm) but proved more difficult to work with than Aequorea-based pro-
teins. Two major limitations to this protein for its use in in vivo experiments are its
obligate tetrameric form and the maturation “green state.” In contrast to Aequorea-
derived FPs, which only have a weak tendency to oligomerize at low concentrations,
DsRed tends to tetramerize even at very low concentrations, limiting its potential as a
fusion protein due to the possible aggregation and mislocalization of the target fusion
(101, 102). Another acute problem associated with this second FP-family is the slow
maturation of the chromophore that proceeds via an intermediate “green state,” where
most of the emission from the chromophore is in the green spectral region (101, 103).
This maturation state introduces signal cross talk in multicolor experiments and would
thus limit its use. Both of these limitations were overcome for the first time by mRFP1,
a variant that carries more than 30 amino acid substitutions (58). It succeeded in
dealing with many of the critical problems associated with this class of proteins but had
a significantly reduced emission and was extremely sensitive to photobleaching. Nev-
ertheless, this protein provided the starting point for one of the most productive
attempts to create RFPs using directed evolution (43). The result of these experiments
was a group of six new monomeric FPs in the red spectral region called the mFruit
series. The most promising members in this series are mOrange, mStrawberry, and
mCherry, with the latter having the highest photostability and intrinsic brightness,
making it the preferred partner for in vivo experiments. In that same study, Shaner et
al. (43) also constructed tdTomato, an artificial derivative of DsRed that consists of a
genetic fusion of two copies of the obligate dimer dTomato gene connected by a
12-residue linker. This tandem dimer strategy fused the protein in such a way that the
critical dimer interactions can now be met through intramolecular contacts with the
tandem partner encoded within the same polypeptide, creating a nonaggregating
(though bulky) tag with extreme brightness (58). Another important branch of RFPs is
derived from the sea anemone Entacmaea quadricolor, providing valuable probes such
as TagRFP, mRuby, and mKate derivatives (104–106). Recently, mScarlet was brought to
the attention as the new, high-value red FP (49). This new synthetic RFP outperforms
all existing red fluorescent proteins as a fusion tag and presents a truly monomeric red
protein with excellent brightness and faster maturation. More information on the
evolutionary track of red fluorescent proteins and all the different mutations can be
found in other reviews (50, 97). In recent years, many variants of these coral-derived
fluorescent proteins in the blue to yellow spectrum have surfaced as good alternatives
and additions to the existing toolbox (100, 107, 108). One such example is mNeon-
Green, a very bright monomeric FP derived from Branchiostoma lanceolatum that
covers a similar spectral region as GFP (109).

Almost all known FPs tend to form quaternary structures to some degree, often
inhibiting the fluorophore to operate as an inert part of the formed chimera. This
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propensity to oligomerize is known as “stickiness” and can possibly lead to interference
with the tagged protein’s native localization and functionality. Although Aequorea GFP
derivatives only have a weak tendency to dimerize, this can vary significantly depend-
ing on the target of choice (110, 111). In many Aequorea-based variants, dimerization
can be either significantly reduced or even eliminated by replacing key hydrophobic
amino acids at the dimer interface with positively charged residues (112, 113). The three
most successful mutations, in increasing order of effectiveness, are F223R, L221K, and
A206K, in which the nonpolar phenylalanine, leucine, and alanine are replaced by
hydrophilic alternatives (arginine or lysine). This creates a repulsive effect between
the residues of different FP molecules and leads to the so-called monomeric
fluorescent proteins (mFP). Creating monomeric forms of the obligate tetrameric
reef coral and sea anemone proteins has proven to be much more challenging but
eventually was equally successful (43, 49, 106, 114). This FP stickiness or oligomer-
ization propensity can be measured in several ways, both in in vitro and in in vivo
setups. The current golden standard is the Organized Smooth Endoplasmic Retic-
ulum (OSER) assay (115) that measures oligomer interactions of FPs targeted to the
endoplasmic reticulum in eukaryotic cells. The higher the FP’s tendency to oli-
gomerize, the more OSER whorls will appear in the sample. A second method
exploits protease substrate breakdown rates in Escherichia coli as a metric for the
oligomerization tendency of FPs translationally coupled to the protease subunit
(110). Other important characteristics of FPs, such as brightness, maturation time,
photostability, and acid sensitivity, have also been tested in a variety of setups but
can be best reevaluated in the system of choice (52, 55, 60, 116–118).

The extent of artifacts induced by FP tagging was not completely clear until the
fairly recent key paper by Landgraf et al. (110). This study from the Paulsson lab used
a newly designed function-based validation assay to link the single-focal localization
pattern of Clp proteases (119–124) to a stickiness artifact induced by the specific FP
used. These researchers were able to confirm these results with a variety of indepen-
dent tests such as immunofluorescence microscopy and an alternative tagging probe
(i.e., SNAP, see “Hybrid tags”), showing that the natural tendency of Clp proteins to
self-assemble was reinforced by a similar but weak multimerization tendency in (m)FPs
(110). It should be pointed out that the clustering of FP-labeled ClpP was not merely
an aggregation phenomenon but rather a wrongful localization of a functional target
protein in larger unnatural clusters. Around the same time, similar findings were
published for the extensively studied localization pattern of the bacterial actin ho-
molog, MreB (125–131). Using electron cryotomography, Swulius and Jensen (132)
refuted the reported formation of helical MreB filaments in the inner cell body and
showed that the perceived cables only occur when the protein was tagged with YFP at
its N terminus. However, it is believed that this artifact is the consequence of a
functional disruption of MreB rather than a FP-induced oligomerization, since no
bundles were formed with an internal (“sandwich”) fusion with the red fluorescent
mCherry (111, 132). More recently, other artifact issues such as the influence of
photoswitchable FPs on the localization of DNA-binding proteins (117) and the single-
molecule specific mislocalization of Entacmaea quadricolor RFPs were highlighted (133).
The examples presented above clearly underscore the potential of fluorescent (protein)
tags to cause label-induced oligomerization and trivial localization patterns, highlight-
ing the importance of solid control experiments. Throughout this review, but mainly in
the second text section (“A Fluorescent Journey through the Cell Body”), many such
control strategies will be touched upon. However, for practical reasons, we will list
some commonly used verification methods that can help in detecting artifactual
localization patterns (e.g., focus formation, polar localization or helical filament forma-
tion): (i) changing the position and (the nature of) the fluorescent tag (110, 132, 134),
(ii) using a direct binding partner or orthogonal reporter system to visualize the protein
(structure) of interest (134–139), (iii) applying different (super-resolution) fluorescence
microscopy techniques, (iv) verifying the localization with immunofluorescence micros-
copy in fixed cells, (v) using a label-free visualization technique (132), and (vi) verifying
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the functionality of the fluorescently labeled target and its influence on general cell
physiology.

A final, special class of FPs are the smart fluorescent proteins, also known as optical
highlighter or phototransformable FPs, that are capable of changing their spectral
properties in response to light of a specific wavelength and intensity or as a factor of
time (140, 141). These FPs either can be activated (photoactivation), converted (pho-
toconversion), or switched (photoswitchable) by the incident light (142) or can spon-
taneously change their spectral properties over time (143).

In the process of photoactivation, the spectral properties of a specific FP are
changed from a very low emission level to bright fluorescence. The prototypical
example of this group is photoactivatable GFP (PA-GFP) (144), mainly differing from
wtGFP by a single amino acid substitution (T203H). This specific amino acid alteration
changes the protonation equilibrium of the chromophore toward the protonated state.
The incident UV-light can then irreversibly activate PA-GFP by converting the chro-
mophore from the neutral (protonated) to anionic (deprotonated) state, thereby caus-
ing a 100-fold increase in fluorescence (142, 144). Over the years, similar new and
improved photoactivatable proteins have been developed in both the Aequorea
and Anthozoa protein families (145–148). The PA-FP color palette is still very limited,
and these probes are difficult to track in their nonactivated form. Furthermore, the
brightness of the photoactivated form in all reported variants is less than 50% of that
of EGFP, and their photostability is diminished compared to the parental FPs. These
proteins play a key role in super-resolution microscopy (see “Super-resolution micros-
copy” below) since they allow the activation of specific subsets of FP molecules, thereby
providing true single-molecule resolution.

Photoconvertible proteins represent a second class of smart proteins and bear the
capacity to change from green to red emission after blue light excitation. This transition
occurs by a light-dependent, irreversible chemical conversion that changes the chro-
mophore of the protein from a two-ring GFP-like chromophore to a three-ring structure
(149). The nature of this chemical conversion limits the process to members of the
Anthozoa (i.e., coral) family and is reminiscent of the chromophore maturation in these
proteins. All these photoconvertible proteins contain a chromophore that contains
His62-Tyr63-Gly64, initially emitting green fluorescence until a light-catalyzed cleavage
of the polypeptide backbone drives the chromophore into the red state (95, 150). The
first photoconvertible highlighter discovered was a tetrameric FP isolated from the
stony Open Brain Coral, Trachyphyllia geoffroi, and was named Kaede after the leaves of
the Japanese maple tree, which also turn from green to red in the fall (151). Other forms
were meanwhile developed that have slightly different properties and can circumvent
the obligate tetrameric structure of Kaede (152–156). One of the major advantages of
these photoconvertible proteins is that they can be tracked even before their conver-
sion, something which is not possible for photoactivatable FPs.

The third group of optical highlighters, photoswitchable proteins, can combine
either photoactivation or photoconversion with a reversible switching between two
states. This group of proteins spontaneously relaxes back into the original ground state
were the protein started or can be induced to do this reversion by illumination with a
specific wavelength. The most prominent and well-studied example of these proteins
is Dronpa, a monomeric green spectral variant that can switch between the ON and
OFF states (157). Dronpa is driven to the dark state by illumination at 488 nm, whereas
405 nm can subsequently switch the protein’s fluorescence back on, toggling the
protein between its two absorption peaks (390 and 503 nm). This type of cycle can be
repeated several hundred times without any significant photobleaching (158, 159).
Other members of this category adopt more complex switching schemes with IrisFP
forming a unique representative as it combines reversible photoactivation and photo-
conversion in one protein (160). In this specific protein, illumination with 488 nm drives
the highlighter into the dark state, which can be reverted with low-intensity 405-nm
laser light. Increasing the intensity of this 405 nm wavelength drives the chromophore
toward the red spectral region. Finally, the protein can further be switched ON and OFF
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in this red state by using 532- and 440-nm light (160). In the same category, we can find
NijiFP (161) and Dreiklang (162), a YFP protein which switches at 405 and 365 nm but
is excited at 515 nm. A unique feature of the latter protein is that its fluorescence
excitation spectrum is completely decoupled from its optical switching, while in most
other photoswitchable FPs, excitation also leads to photoswitching.

A final class of optical highlighters are Fluorescent Timer (FT) proteins which form a
unique but limited collection of FPs that spontaneously change their spectral proper-
ties as a function of time. These proteins can function as a visual molecular clock that
slowly changes its emission spectrum over a specific period of time and is able to
provide spatiotemporal resolution on both gene expression and protein localization in
one single snapshot. DsRed-Timer, also known as DsRed-E5, was the first FT protein, but
its obligate tetrameric form prevented its application as a protein tag, though not as a
gene expression readout tool (143, 163, 164). This E5 timer indicates recent activity with
a green color, but over time it changes its emission toward the red side of the spectrum,
indicating full maturation. The bulk change in color of these proteins is gradual and
moves over a continuous spectrum between both colors determined by the different
ratios of nonmaturated (green) and maturated (red) proteins in the cell. In addition to
the DsRed-Timer, an array of mCherry-based timers was also developed that can be
divided into three classes based on their conversion time, ranging from as fast as 15
min to approximately 10 h (165). These latter monomeric FTs can be used as genetically
encoded tools to track intracellular movement of target proteins and are able to
provide accurate insight into the timing of intracellular processes without any harsh
conditions (e.g., FRAP; see section below on “Fluorescence recovery after photobleach-
ing”).

Chemical dyes. Before the discovery and first application of GFP as an intracellular
molecular beacon (3) to uncover the whereabouts and/or concentrations of biomol-
ecules in vivo, chemical dye fluorophores were the preferred tool to peek into the
intracellular environment (166). The aspecific labeling and cellular toxicity associated
with these dyes shifted the main focus of bacterial fluorescent imaging to the use of
FPs, pushing small dye molecules and their favorable optical properties (e.g., higher
photostability, higher brightness, narrower bandwidth) more to the sideline. Currently,
the crossroads between these organic dyes and novel chemical techniques have paved
the way for a renaissance leading to the development of novel, sophisticated probes
with tailored characteristics and a broad color spectrum (31, 33–36, 166). As a conse-
quence, these small molecules are being rediscovered, expanding the fluorescent
toolbox with new bright, photostable probes that can readily penetrate the cell
envelope. However, as the older generation of dyes had difficulties crossing the
bacterial outer layer barrier, the majority of studies to date have focused on visualiza-
tion of the extracellular components (167).

All of these chemical fluorescent probes are based on a small collection of modular
scaffolds functionalized with different chemical moieties. These side groups give this
probe type its highly versatile and custom-made character necessary for the precise
interrogation of biological systems (166, 168). Here, we will limit ourselves to describing
the different situations in which these small organic molecules are used, and we refer
to other reviews for more (structural) information (166–170). Throughout the biological
section of this review, we will give several examples of recent studies using a dye-based
approach to decipher specific questions in bacterial physiology.

Aspecific binding is an inseparable characteristic of this oxygen-independent fluo-
rophore type and has created different utilization strategies, either exploiting this
intrinsic feature or providing strategies to bypass it. Dye fluorophores are mainly used
in four types of situations: (i) direct visualization of larger macromolecular structures, (ii)
to light up dye-conjugated molecules, (iii) to readout enzymatic reactions, and (iv) in
combination with hybrid tags (for the latter, see “Hybrid tags”).

Fluorescently labeling the boundary of the bacterial cytoplasm with membrane-
specific probes such as FM4-64 (171, 172) might be the best-known example of
using small dye molecules to visualize larger macromolecular structures. This styryl
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dye is believed to insert into the outer leaflet of membranes, where it shifts from
the low fluorescent state in watery environment to an intensive bright form as it
interacts with the phospholipid lipid bilayer. In this type of situation, the dye can
be used to label a specific cellular structure because other similar chemical struc-
tures are absent within the cell. Another well-known example is the use of DAPI
(4=,6=-diamidino-2-phenylindole) for the visualization of the bacterial nucleoid
(173–175). Rational design and screening can further expand the collection of dyes
that can specifically bind certain cellular structures in their native state (33, 34, 166).

Dye conjugate molecules can be formed in vitro or in vivo and consist of a covalent
coupling between a dye molecule on the one hand and a macromolecule (8, 176),
oligonucleotide (177), antibiotic (178), or even a small molecule (46, 179) on the other.
The eventual probe can therefore be divided into two domains, each with its own
function. The first domain will consist of the tagged molecule (e.g., antibody, amino
acid, nucleotide, etc.) and will convey specificity to the probe, while the second part
solely functions as a molecular “torch” enabling the fluorescent visualization. This type
of strategy can be used in bacteria to visualize important cellular components such as
peptidoglycan, lipopolysaccharide (LPS), and FtsZ rings without the need for fusion
proteins or genetic disturbances (46, 167, 180, 181).

Furthermore, functionalized dye molecules can also be used as substrates to check
for certain enzymatic reactions in the cells. In these reactions, the properties of the dye
molecule are changed, leading to a fluorescent readout. Viability assays in bacterial
populations can be based on this type of assay. For example, membrane-permeant
fluorescein diacetate (FDA) is nonfluorescent until it is converted by intracellular
esterase activity and thus can give a readout of single-cells’ enzymatic activity and
viability (182).

Finally, dye molecules can also be used in hybrid tagging systems where specific
endogenous proteins are labeled with a nonfluorescent protein or peptide moiety that
can uniquely interact with specific dye molecules to form a covalent or noncovalent
interaction. This type is further discussed in the following section since it is on the
border between the other two probe types discussed here and is becoming a trending
topic especially in applications such as super-resolution microscopy.

Hybrid tags. Hybrid tags consist of a peptide or protein unit that cannot fluoresce
by itself but needs an artificial or natural cofactor (or ligand) to enable visualization of
its cellular fusion partner. The use of this tag type combines the advantages of both
other probe categories, namely, the specificity of an endogenous tag with the superior
spectroscopic properties (and oxygen independence) of the wide variety of dye mol-
ecules currently available. Well-known examples such as the tetracysteine tag and
self-labeling protein tags, such as Halo, SNAP, and CLIP, have already been used in
multiple studies (183–186), but newer systems such as FAST (48, 187) are on the rise.
The rationale behind all these systems is that a small peptide/protein domain is
translationally fused to the intracellular target and forms covalent or noncovalent
linkages to exogenously added fluorophores or endogenously produced natural cofac-
tors, thereby allowing microscopic investigation of the labeled chimeric proteins. To
ensure high imaging contrast, most of these ligands are fluorogenic chromophores or
fluorogens, only lighting up when bound to the cognate tag while being in a low-
fluorescent state when unbound (188–190). Furthermore, the inherent need of these
hybrid tags to react with nonself fluorophores allows for consecutive labeling of the
target molecules within one cell by different color variants, facilitating the examination
of cellular processes over time. For these systems to be usable in living organisms,
several premises have to be fulfilled: the genetic tag must (i) fold and (ii) function in the
cellular space of choice, while the fluorescent probes must be (iii) nontoxic and (iv)
membrane permeant, (v) must have low fluorescence when not bound, and (vi) must
not show unspecific interactions/reactions with other cellular components. Besides the
advantages of reduced probe size and oxygen independence, there are also some
downsides to using organic dyes for labeling intracellular structures. These methods
can suffer from cytotoxicity, poor cell permeability, and a high level of background

Bacterial Vivisection Microbiology and Molecular Biology Reviews

December 2020 Volume 84 Issue 4 e00008-20 mmbr.asm.org 11

https://mmbr.asm.org


fluorescence, leading to a need for the removal of the excess of unassociated dye. More
elaborate reviews of these systems can be found elsewhere (190).

The oldest system in this category is based on a tetracysteine tag (Cys-Cys-X-X-Cys-
Cys) that can be fluorescently labeled via a chemical reaction with the biarsenical
compounds FlAsH-EDT2 (fluorescein arsenical hairpin binder-ethanedithiol; green) or
ReAsH-EDT2 (resorufin arsenical hairpin binder- ethanedithiol; red) (40, 191–193). These
small, synthetic ligands (�700 Da) are basically nonfluorescent in their free-floating
state bound to EDT2 but light up upon binding the tetracysteine-labeled target (40).
This technique uses the easy, reversible formation of covalent bonds between organo-
arsenicals and the thiols of the tetracysteine to label in vivo targets. The specificity of
the reaction between the label and the basically nonfluorescent free-floating dye
reduces the need for extensive washing steps, while the sparse natural presence of the
cysteine motive minimizes aspecific binding events. Another considerable advantage is
the small size of the tag (6 to 12 amino acids), placing it among the smallest genetic
tags, thus limiting steric hindrance. However, tetracysteine labeling is limited to reduc-
ing environments and can display low signal-to-noise ratios when imaging diffusing or
low-abundance proteins (190). A number of studies have successfully used this tech-
nique to study living bacteria (183, 194–196).

Labeling selectivity vastly increased with the development of new hybrid tags based
on self-labeling reporter systems, albeit this came at the expense of larger tag sizes. A
first example of such a self-labeling system is HaloTag, a modified dehalogenase from
Rhodococcus rhodochrous that genetically adds a 34-kDa tag to the target protein. This
enzyme tag catalyzes the formation of a high affinity, covalent linkage between the
chimeric protein fusion and the synthetic chloroalkane ligand (e.g., tetramethylrhod-
amine [TMR]) (44, 197, 198). In contrast to the tetracysteine system, HaloTag enables the
visualization of proteins in both the bacterial cytoplasm and periplasm (185, 186, 199).
However, caution is advised since the HaloTag does not seem to be truly monomeric
(185) and can thus cause localization artifacts. Nevertheless, this tag has proven its
worth in different super-resolution approaches, allowing specific tagging with very
bright and stable fluorophores (14, 184, 200, 201). Another self-labeling reporter system
is based on a modified O6-alkylguanine-DNA alkyltransferase, a human DNA repair
enzyme, that can transfer the functionalized alkyl group of its substrate fluorophore to
one of its active-site cysteine residues (42, 202). The two orthogonal variants of this
alkyltransferase tag, SNAP and CLIP (both ca. 20 kDa), each react with a unique type of
functionalized fluorophore (O6-benzylguanine and O6-benzylcytosine conjugates, re-
spectively) to form an irreversible covalent bond and support dual labeling in the same
cell if required (42, 202). SNAP in particular has already been used in different super-
resolution microscopy and anaerobic experiments (184, 200, 203, 204). All of these
self-labeling systems are very promising but still face challenges, such as the need for
additional washing steps to further lower off-target fluorescence and relatively large
fusion tags. However, the development of new fluorescent compounds with increased
specificity (205) and new self-labeling tags (206, 207) is paving the way for a more
widespread use in bacteria.

All the systems discussed above use enzymatic or chemical reaction to create a
covalent binding between the tag and the corresponding small molecule dye. Some
hybrid systems, however, rely on a noncovalent binding equilibrium between both
components for the visualization. The advantages of this type of approach include
lower photobleaching rates because of the exchange with new fluorogens and spectral
flexibility within the same experiment. Furthermore, the noncovalent binding leads to
more versatility in microfluidics setups via an easy switching between labeling and
delabeling. A recent system based on such noncovalent interactions was developed by
Plamont et al. (48) and consists of a small (14 kDa) tag that supports reversible binding
to a cognate fluorogen, a synthetic analogue of hydroxybenzylidene rhodamine (e.g.,
4-hydroxybenzylidene-rhodanine [HBR]). This protein tag is an engineered monomeric
variant of the Photoactive Yellow Protein (PYP), a blue light receptor found in Halorho-
dospira halophila (208–210), and can form a nonnatural fluorescent complex upon
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binding with the cell-permeant fluorogens. The unique activation mechanism of the
FAST (Fluorescence-activating and Absorption-Shifting Tag) fluorogens is based on
both a red-shift in the absorption spectrum and an increase in fluorescence quantum
yield when the tag-dye complex is formed (48). Since there is only fluorescence when
the HBR analogs are immobilized within the FAST tag (because of conformational
locking), the labeling is highly selective and the absence of nonspecific fluorescence in
the cells makes washing steps redundant. Its noncovalent complex formation allows for
rapid ON/OFF switching of the fluorescence by washing away the fluorogen and,
furthermore, easily supports pulse-chase experiments because of these characteristics.
A first application of this system in a bacterial biofilm clearly demonstrated its advan-
tages compared to autofluorescent proteins for visualization in a heterogeneous
microaerobic environment (187). Since no covalent reaction or maturation is required,
the fluorescent signal can be observed soon after fluorogen addition. The main
disadvantage of the system, however, is that the dye molecules need to be present
throughout the experiment which thus requires careful inspection of possible toxicity.
Currently, of all the hybrid techniques described above, this might be the most
promising for further implementation in live cell imaging of bacteria.

Interestingly, hybrid systems that utilize natural cofactors to produce a fluorescent
signal are receiving more and more attention as a novel type of hybrid FPs (47, 53,
211–220). The most popular sort, flavin-based fluorescent proteins (FbFPs) (6, 221), are
characterized by a LOV (light, oxygen, or voltage sensing) domain that interacts with a
flavin mononucleotide (FMN) cofactor. This interplay then turns the protein into a
blue-light absorbing FP that can undergo a complex photocycle (222–226). The small
size (12 to 19 kDa), oxygen independence, fast maturation times (in the order of
minutes), and high pH and thermostability, combined with the abundance of the
required cofactor in bacterial, plant, and human cells (45, 227), provides this new class
with several competitive advantages compared to autofluorescent proteins. The pro-
tein iLove represents one of the more advanced proteins in this category and was
engineered from a mutant version of the Arabidopsis thaliana phototropin 2 LOV
domain (45). This tag has already been used to visualize protein diffusion in the
periplasmic space and FtsZ formation in bacteria under anaerobic conditions (221, 227).
Furthermore, it was also shown that EcFbFP, an E. coli codon optimized LOV protein
derived from Bacillus subtilis (228), can outperform YFP when monitoring gene expres-
sion dynamics in high-density E. coli cultures (229). In addition, a near-infrared fluores-
cent (iRFP) protein relying on the eukaryotic natural compound biliverdin as a chro-
mophore (213) was recently tested by two groups for use in Borrelia burgdorferi (230)
and Neisseria meningitidis (226). The latter protein accepts excitation in the far-red
wavelengths, which are less toxic to the cells, and is thus less hindered by autofluo-
rescence than more blue-shifted spectral proteins (53, 116).

When comparing the characteristics of these different hybrid systems to autofluo-
rescent proteins and organic dye molecules, several advantages become apparent (Fig.
2). Their often-smaller tag sizes, lower response times, and oxygen independence
addresses three of the most prominent issues encountered with the modern autofluo-
rescent proteins, creating a more robust and faster readout system. Furthermore, the
freedom of using nonnatural cofactors allows for synthetic modulation of the photo-
stability and spectral properties, although it can sometimes require extensive washing
steps to achieve a high signal-to-noise ratio. Through their characteristics, these
systems can thus combine high specificity of endogenous tagging with the photo-
chemical excellence of organic dyes. On the other hand, hybrid tags supported by
natural cofactors provide a new approach free of exogenous addition of chemical
compounds, thereby decreasing the risk of potential toxic effects.

Fluorescence Microscopy as Powerful Analytical Tool

Light microscopes are indispensable instruments in modern cell biology, using
visible light and magnifying lenses to look beyond what the naked eye can see. As a
picture often says more than a thousand words, the ability to visualize the invisible and
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perform real-time vivisection with high-precision fluorescent tools has pushed our
insights into the inner workings of the cell to new depths. The microscope itself has
undergone a tremendous evolution since Anthony Van Leeuwenhoek’s self-made
instrument, resulting in today’s multimodal imaging units capable of high-resolution
and high-throughput (fluorescence) imaging. The relatively nonperturbing nature of
light allows for long-term live-cell imaging with high spatiotemporal resolution and has
forwarded light microscopy as the tool of choice to visually unravel inter- and intra-
cellular dynamics of bacteria. The latter being highly supported by the wide variety of
fluorescent probes and imaging techniques that have been developed over the past
decades, further matching the resolution of fluorescence microscopy to the bacterial
scale.

As already underscored in the previous section, different types of fluorescent probes
possess distinct characteristics, making the selection of a proper tag for each experi-

FIG 2 Comparison of antibody probes, (auto)fluorescent proteins, chemical dyes, and hybrid tags for use in
fluorescence microscopy. A red cross (“X”) indicates the probe type is not compatible with this feature or
application; a green check mark indicates the probe type is compatible with this feature or application; a green
check mark/red cross combination indicates that some specific probes within this category are compatible with this
feature or application. Other symbols: ��, excellent performance; �, very good performance; �, good perfor-
mance; –, poor performance. NA, the label is not relevant to this probe type. *Probe size values are based on a study
by Turkowyd et al. (864).
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mental setup desirable. Concomitantly, selecting a well-suited imaging method to
address specific scientific questions also plays an important role in determining the
quality of the experimental results (Fig. 3). It must be pointed out that imaging
techniques developed for eukaryotic systems are largely applicable in bacteriology as
well. The small sizes of these organisms can pose some specific restrictions on the
experiment, but in practice, the limits are set by fluorescence intensities and fluoro-
phore concentration.

FIG 3 Microscopy setups and strategies. (A) Overview of the different microscopy setups routinely used for fluorescence microscopy in bacteria and their
excitation zones. (Left to right) During sample excitation in wide-field epifluorescence microscopy, a wide cone of light with a specific wavelength evenly and
simultaneously activates all the fluorophores in a large 3D volume. Fluorophores in the different z planes throughout the sample will contribute to the eventual
signal. Confocal microscopy, on the other hand, uses point illumination to scan across the sample and enables optical sectioning throughout the sample. In
TIRF, only fluorophores close to the surface will be excited by an evanescent excitation wave created by illumination at or above the critical angle. Similarly,
in HILO, the sample is illuminated at a subcritical angle, leading to an increased penetration depth of the signal. This supports the excitation of structures in
both the bacterial outer shell, as well as in the cytoplasm, while keeping background fluorescence at a low level. Blue arrows indicate the direction of the
illumination light. (B) The different imaging strategies discussed in this review are compared in terms of scope, resolution gain, technical setup, suited probe
types, types of experiments in which they are routinely used, and their specific benefits and drawbacks.
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In the following section, we will briefly discuss different imaging modalities and
imaging approaches that are routinely used in fluorescence (time-lapse) microscopy of
bacteria. Furthermore, we will briefly touch on the subject of flow cytometry, since the
majority of fluorescent probes can be used for in this technique as well.

Microscopy setup determines experimental focus. The field of fluorescence mi-
croscopy continues to evolve rapidly, offering new and improved commercialized
imaging methods to every cell biologist. For scientist with a limited background in
fluorescence microscopy, it can be difficult to match the best microscopy setup (i.e.,
imaging method) to a specific biological question. In most cases, imaging modalities
are based on an epifluorescence setup in which the fluorescence excitation light
illuminates the sample through the same objective that is used to detect the emission
from the sample, limiting contamination of the output signal by the exciting light (231).
For all of the microscopy setups described below, multiplexing with at least three
different fluorescent colors (blue, yellow, and red) is routinely possible. Some setups
allow for more thorough spectral unmixing, limiting the restrictions posed by the
overlap of the multiplexing probes and possibly supporting a more elaborate color
line-up (84).

(i) Wide-field epifluorescence microscopy. Wide-field epifluorescence microscopy
is the most straightforward and most commonly used technical setup in the field of
bacterial fluorescence microscopy. Despite its relative simplicity, this type of micros-
copy can be used to attain high resolution in both temporal and spatial (two-
dimensional [2D] or xy) dimensions. During the image capturing, a wide cone of light
with a specific wavelength evenly and simultaneously activates all the fluorophores in
a large 3D volume (Fig. 3A), thereby creating an image of the sample on the camera
without additional optical manipulations. Fluorophores in different z planes (i.e., im-
aging planes) throughout the sample will contribute to the eventual signal, leading to
large amounts of out-of-focus emission light that can obscure valuable intracellular
information. Because this out-of-focus light comes from above and below the focal
plane, wide-field epifluorescence microscopy can suffer from a low signal-to-noise
ratio. However, this does not present a major issue in samples not too densely labeled
with fluorophores and limited in thickness such as a single layer of bacteria. For samples
that require optical sectioning in the z direction, other techniques such as confocal
microscopy (see “Confocal microscopy”) might be preferred, although z sectioning can
also be done with wide-field epifluorescence microscopy. Here, multiple xy sections are
imaged through the sample in the z-dimension, creating a stack where discrimination
in this dimension is still lacking. Using a deconvolution algorithm on this type of data
to remove blurring out-of-focus signals then yields a 3D or volumetric representation
of the sample and constitutes a simple approach to probe the 3D localization of
subcellular targets (232, 233).

(ii) Confocal microscopy. In contrast to the even illumination of samples described
above, confocal microscopy uses point illumination to scan across the sample and only
excites a limited number of fluorophores in a very small intracellular volume (Fig. 3A).
The emitted light is detected after passing through a pinhole such that only light from
the desired focal plane reaches the detector, which further decreases the amount of
out-of-focus light and increases the signal-to-noise ratio. Since the image is recorded
point by point in laser scanning confocal microscopy, the temporal resolution is lower
compared to the wide-field approach. This issue has been partially addressed with the
development of spinning-disk confocal microscopes that use a disk of pinholes to scan
the sample, making it possible to cover more sample area in a smaller time frame.

This optical sectioning in the 3D space does not per se present a particular advan-
tage over wide-field microscopy when it comes to studying structures at the subcellular
level in bacteria. Individual bacterial cells are only slightly thicker than the focal plane
(defined by the wavelength of the emitting light (�) and the numerical aperture (NA);
�0.5 �m) and the pinhole blocks much of the emitted light, thus lowering the
fluorescence intensity and requiring higher excitation energies (6, 234). However, this
setup does provide substantial benefits when 3D sectioning of thicker samples is
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required, such as in imaging bacterial interactions with eukaryotic cells (235, 236) or
biofilm structures (237, 238). Similar to wide-field fluorescence microscopy, deconvo-
lution algorithms can provide considerable improvement of the signal-to-noise ratio.

(iii) Total internal reflection microscopy. A large number of dynamic, molecular
events take place close to the cell surface. In conventional fluorescence microscopy, the
emission of fluorophores close to the surface is often overwhelmed by the fluorescent
signal stemming from the cytoplasm. Total internal reflection microscopy (TIRF) allows
selective excitation of fluorophores close to the surface by creating an exponentially
decaying evanescent wave through illumination of the sample using incident light at
or above the critical angle. At this angle, total internal reflection occurs and the
accompanying evanescent wave excites fluorophores only within a couple of hundred
nanometers from the coverslip (i.e., near field) enabling high signal-to-noise without
loss of temporal resolution as seen in confocal microscopy (233, 234). Furthermore, this
technique provides improved z-axis resolution compared to a confocal section of the
same focal plane.

TIRF microscopy has the necessary spatial and temporal resolution to take a closer
look at the highly dynamic processes that occur at the bacterial cell surface (239).
Several studies focusing on bacterial cytoskeletal factors and peptidoglycan synthases
have used TIRF to visualize these processes (14, 240–243).

(iv) Highly inclined laminated optical sheet microscopy. Highly inclined laminated
optical sheet (HILO) microscopy is another near-field technique that combines advan-
tageous characteristics from TIRF and epifluorescence microscopy to enable the visu-
alization of organized structures in the cytoplasm (and not just at the surface) (244,
245). The incident light in a HILO setup reaches the sample at a subcritical angle away
from total internal reflection, increasing the penetration depth of the exciting signal
while keeping background fluorescence at a lower level than in epi-illumination. An
important advantage of both near-field techniques (i.e., TIRF and HILO) described here
is that they are readily compatible with epifluorescence setups, limiting additional costs
for groups with such a setup.

The first application of HILO in bacteria explored the dynamics of a Bacillus subtilis
DNA pump at the sporulating septum (246). This study exploited both the high
temporal resolution and low signal-to-noise ratio of HILO to show that this component
consists of highly dynamic foci rather than a static ring structures (246, 247). Later, other
studies underscored the potential of this imaging technique to delve deeper into
organized cytoplasmic structures such as the forespore surface in Bacillus (110, 201,
248).

Imaging strategies increase image resolution. Snapshot and time-lapse capturing
of fluorescently labeled processes and structures can provide key information on in vivo
expression and localization profiles in bacteria. Already in the 1990s, this way of image
capturing introduced the concept of strict spatiotemporal regulation in the bacterial
cell, with key studies looking at how protein localization changed during the cell cycle
(12, 249). However, this simple imaging strategy has limitations in both the spatial
(�200-nm resolution limit) and temporal dimension (approximate acquisition time of
fluorescent signal), restricting the amount of valuable information that can be ex-
tracted. To circumvent these limitations and increase the resolving power of fluores-
cence microscopy, several strategies were developed that enable a deeper insight into
spatial and/or temporal dynamics on a scale fit for bacteria (i.e., approximately nm
resolution; protein diffusion timescale). A comparison overview between the different
imaging strategies can be found in Fig. 3B.

(i) Fluorescence recovery after photobleaching. The rapid diffusion of proteins in
the limited cytoplasmic space (1 to 10 �m2/s) (250, 251) and the surrounding mem-
brane (0.1 to 1 �m2/s) (252) results in a seemingly random distribution of these
molecules in their corresponding subcellular compartment. However, different proteins
display different kinetics depending on their size and interaction with other cellular
targets. Since the temporal resolution of the described imaging techniques is insuffi-
cient to monitor these motions, different strategies were developed that do allow
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quantification of these fast kinetics. A widely used method to study protein diffusion is
Fluorescence Recovery After Photobleaching (FRAP) in which a high-intensity laser
pulse is used to rapidly and irreversibly photobleach all the fluorophores in a small
region within a single cell (253, 254). By monitoring the return of fluorescence intensity
in this region of interest (ROI), models can be fitted to precisely calculate diffusion rates
for specific targets (250, 252, 255) or obtain qualitative information on protein mobility
toward/within (sub)cellular structures (256–260). This type of strategy often exploits the
ability of laser scanning confocal microscopes for targeted, high-power illumination,
but other setups can also be used.

Although FRAP is straightforward and simple, interpretation of the data can be
challenging. For example, incomplete recovery of fluorescence can indicate the pres-
ence of one or more immobile populations bound to structures within the ROI. In
addition, a protein mobility rate that is too high might not allow for complete
photobleaching of the region. Furthermore, additional photobleaching during image
capturing and the presence of cellular photodamage always have to be taken into
account. FRAP studies are inevitably limited by ensemble averaging and cannot reliably
describe the complex diffusion processes that are sometimes going on, whereas
single-molecule tracking (see “Single-molecule tracking” below) can give more detailed
information on the behavior of individual proteins.

Fluorescence Loss In Photobleaching (FLIP) or inverse FRAP (iFRAP) are modifica-
tions of the original experimental setup that measure the loss of fluorescence from a
ROI after photobleaching of an adjacent region. Similar approaches to FRAP can use
smart fluorescent proteins and activate them in a small region of the cell to monitor
their diffusion out of the ROI. Such techniques reduce some of the concerns of FRAP by
providing a more gentle alternative to the relatively harsh photobleaching that gen-
erally requires high power and repeated laser illumination (261).

(ii) Förster resonance energy transfer. The nature of in vivo interactions between
different proteins in living cells is often difficult to determine since diffraction-limited
traditional imaging methods do not have the necessary resolving power. Therefore,
considerable distance may actually separate proteins that appear to be colocalized by
multicolor fluorescence microscopy (262). Förster resonance energy transfer (FRET) is
an imaging strategy that can provide the necessary nanometer resolution to visualize
protein-protein interactions and measures the direct transfer of excitation energy from
a donor fluorophore attached to one protein to an acceptor fluorophore attached to
the putative interacting partner (263). The mechanism behind this energy transfer
involves the excitation of a donor fluorophore to a higher electronic state, followed by
a nonradiative, distance-dependent transfer of that energy to a nearby compatible
chromophore via dipole-dipole interactions. This interaction can only occur when two
chromophores that share a substantial overlap in donor emission and acceptor absorp-
tion spectra are in close proximity of each other (�80 to 100 Å), with the FRET signal
increasing at decreasing donor-acceptor distances. One of the first bacterial studies
using this technique to investigate protein-protein interactions combined the tradi-
tional CFP donor and YFP acceptor to grasp the dynamic interactions in the bacterial
chemotaxis apparatus (264). Next to using FRET as a molecular ruler for interprotein
distance, the underlying principle can also be exploited to study intramolecular con-
formational changes and be used as a basis for in vivo ligand concentration measure-
ments (265–270).

Reading out the FRET signal can be done in different ways, typically by monitoring
changes in the fluorescence of the donor and/or acceptor. Again, data acquisition can
be straightforward and simple, but data interpretation can be challenging and requires
careful corrections via tedious controls (271). In vivo ratio imaging (266, 269, 270) is one
of the most commonly used methods to read-out FRET signals, but other methods,
such as acceptor photobleaching and fluorescence life-time imaging (FLIM), can also be
used (271–275).

A similar but less widely used approach is BRET (Bioluminescence Resonance Energy
Transfer) in which the donor energy is produced by a chemical reaction rather than
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stemming from an external light source. A particular advantage of these BRET ap-
proaches, where a luciferase provides the donor energy (RLuc/YFP compared to
CFP/YFP), is the absence of autofluorescence and phototoxicity due to excitation.
However, a problem with this system can be that the acquisition times become quite
lengthy due to the dim RLuc signal (276).

(iii) Fluorescence correlation spectroscopy. In fluorescence correlation spectros-
copy (FCS), fluctuations in fluorescence intensity are measured within a small focal
volume usually not larger than 1 femtoliter (10�15 liter). The basis for these fluores-
cence fluctuations lies in the diffusion of fluorophores in and out of this tiny sample
volume, leading to an intensity readout that can be decoded with autocorrelation
models to yield data on the concentration, kinetics, molecular interactions, stoichiom-
etry, and dynamics of fluorescently tagged targets in both the cytoplasm and mem-
brane of living bacterial cells (277–285). In essence, FCS is able to grasp the temporal
and spatial correlation of individual molecules and can bridge the gap between
classical ensemble and contemporary single-molecule measurements (286).

Most commonly, FCS is performed in a confocal or two-photon microscopy setup
where a focused laser beam is used to create a very small sample volume favoring the
detection and recording of fluorescence specifically coming from the detection volume
itself. To enable the extraction of valuable information from the fluctuation profile of
the detected signal, two premises have to be fulfilled: (i) the number of particles
diffusing through a small open volume in an infinitely large reservoir obeys Poisson
statistics, and (ii) the precise shape of the detection volume, also known as the point
spread function (PSF), must be known. More insight into the principles of this technique
can be found in several other reviews (286–291).

Numerous modalities and strategies have been developed for FCS over the years,
supporting the measurement of various molecular parameters (286, 287, 289). Fluores-
cence cross-correlation spectroscopy (FCCS) and scanning number and brightness
analysis (sN&B) are two examples of FCS-based methods that allow the determination
of molecular stoichiometry in vivo. In the former technique, the intensity fluctuation
patterns of two compatible fluorophores (and thus two different biological targets) are
measured to provide detailed information on their interactions and stoichiometry (283,
292), while the sN&B technique uses FCS in a way that produces more quantitative data
for in vivo stoichiometric analyses (282, 285), as well as expression level measurements
(280, 293). sN&B is based on an image scanning fluctuation approach where the
moments of fluctuations at each pixel in a series of raster-scanned images (ca. 50 to
100) are used, as in moment analysis (294), to calculate the number and molecular
brightness of diffusing fluorescent molecules (295). Ferguson et al. (280) fitted the
technique to prokaryotic use and were able to virtually eliminate all photobleaching of
the fluorophore inside the small, confined volume of the bacterial cell by going away
from single point FCS and performing a series of raster scans (between 50 and 100
images) using pixel dwell times that are faster than the diffusion time (280). It is worth
noting that the timescale of fluctuations in sN&B corresponds to the time it takes to
return to a given pixel (frame-time; ca. several seconds) in contrast to traditional point
FCS where acquisitions happen on the millisecond timescale. This provides the sN&B
technique with the additional benefit of also being able to study slow-moving particles.
The quantitative nature of this technique was already exploited to gain information on
the subunit and oligomerization state of the SpoIIIE DNA pump B. subtilis (282) and the
Mrr restriction endonuclease in E. coli (285).

(iv) Super-resolution microscopy. All forms of conventional fluorescence micros-
copy are restricted in their resolving power by the wavelength of the used light,
limiting the lateral (xy dimension; �250 nm) and axial (z dimension; �600 nm) resolu-
tion to various extents depending on the imaging technique used. This implies that all
fluorescently labeled proteins and protein complexes show up as blurred focal spots of
�250 nm in diameter (and �600 nm in the z-axis) while in reality only spanning lengths
in the low nanometer ranges. Super-resolution nanoscopy provides a resolution that
surpasses this diffraction limit and has over the past decade delivered the extra
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resolving power necessary in bacteria, which themselves only marginally exceed the
diffraction limit (296). Live-cell super-resolution imaging can be challenging, mainly due
to the long acquisition times and high phototoxicity inherent to most of these
techniques, and thus requiring a well-planned experimental setup (297). In-depth
reviews on super-resolution techniques and their applications can be found elsewhere
(234, 298–300).

One of the most popular approaches for live-cell, super-resolution imaging is
Structured Illumination Microscopy (SIM). SIM owes this status to its relative short
acquisition times and the ability for common fluorophores to be employed. This type
of microscopy applies wide-field fluorescence illumination (including TIRF and HILO) in
combination with a high-tech grid to generate predetermined illumination patterns
that interfere with the sample structure and allow the extraction of fine structural
details (resolution in xy [�100 nm] and z [�250 nm]). Eventually, multiple images with
different interference patterns will be combined to reconstruct a higher-resolution 2D
SIM or 3D SIM image (234, 282, 301–304). For SIM to give good results, a large number
of acquisitions is required for every resolving image, putting a technical limit on the
temporal resolution. It should be pointed out that this technique is particularly sensitive
to artifacts during the image reconstruction process.

Stochastic Optical Reconstruction Microscopy (STORM) (305) and Photoactivation
Localization Microscopy (PALM) (306) also use wide-field illumination but require smart
dyes or smart fluorescent proteins, respectively, to switch individual fluorophores
on and off in a stochastic manner. By using low activation light to turn on single
fluorophores within diffraction limited areas at certain time points, the captured
position of individual, activated fluorophores is separated in time leading to resolutions
in the 20-nm range after image processing and reconstruction (resolution in xy
[�20 nm] and z [�50 nm]) (305–307). This attained resolution almost exclusively de-
pends on the properties of the specific fluorophore and the labeling density in the
sample. Data acquisition is a time-consuming process that strongly affects the temporal
resolution but still allows live-cell imaging. Furthermore, the image reconstruction
requires powerful computers to process the enormous amounts of acquired data.
Bacterial application of PALM and STORM are getting more popular and have yielded
breakthroughs with respect to chemotaxis protein localization, division septum nano-
structure, and peptidoglycan architecture (282, 308–314).

A third type of nanoscopy technique utilizes laser scanning confocal microscopy to
selectively switch off fluorophores in the periphery of the excitation zone, making it
possible to collect only a limited number of photons from the central part of that
region. To achieve this, a second depletion laser in the confocal setup stimulates
excited molecules back to their ground state in a doughnut-shaped region around the
central confocal spot. Through this method, stimulated emission depletion microscopy
(STED) only detects molecules within 30 to 80 nm of the center of the excitation spot
and can reach up to a 3- to 10-fold improvement in lateral resolution albeit severely
suffering from photobleaching and phototoxicity (resolution in xy [�50 nm] and z
[�100 nm]). Furthermore, this depletion concept was also extended to smart photo-
switchable fluorophores, turning the peripheral fluorophores into an off state instead of
stimulating emission depletion (315). New approaches using extremely stable fluoro-
phores and other technical setups are being developed making STED more and more
suitable for live-cell imaging (304, 316–318).

(v) Single-molecule tracking. Single-molecule tracking/single-particle tracking
(SMT/SPT) exploits the power of modern microscopy hardware and the sensitivity of the
newest tagging probes to study the dynamics of individual molecules in living cells. By
tracking single/individual macromolecules with millisecond time resolution and nano-
meter spatial precision, this technique allows answering many enduring questions in
molecular biology and provides insights on the properties of different molecular
subpopulations in vivo (319–321). SMT has the ability to discriminate between different
modes of action of a single molecular species under native conditions, stepping away
from the use of bulk measurements to probe characteristics such as protein binding
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affinity or dwell times. This technique furthermore enables in vivo quantitative biology
by counting molecules and their stoichiometry, characterizing their intracellular loca-
tion and mobility, and identifying functionally distinct molecular distributions (319, 320,
322–325).

Most fluorescence SMT techniques employ common fluorescence microscopy set-
ups (as described above in “Microscopy setup determines experimental focus”) to
achieve single-molecule tracking in multiple cells at once, albeit sometimes using
equipment with higher sensitivity or alternate illumination patterns. Essential to the
approach is the ability to pinpoint the location of a single molecule in an image
captured with the microscope, after which the dynamics of the molecule can be tracked
by analyzing the subsequent frames with algorithms to monitor the probe’s motion
(326). Most commonly, fluorescent dyes or fluorescent proteins are used to tag the
macromolecule, with a preference for the latter since they provide higher precision.
Where the initial single-molecule approaches in vivo were limited to low-abundance
molecules, advances such as super-resolution microscopy now allow for essentially any
type of cellular protein, as well as other cellular structures, to be tracked (321, 327).

A more extensive description of SMT can be found in numerous reviews on the topic
(299, 327–331) and recent studies that use the technique to advance the understanding
of bacterial cell functions (251, 326, 332–339).

(vi) Flow cytometry and fluorescence-activated cell sorting. The high spatiotem-
poral resolution of fluorescence microscopy puts a constraint on the number of cells
that can be analyzed. While improvements in software-based automation and devel-
opment of high-throughput platforms for microscopy have over the years increased the
ability to use the power of numbers (340–352), investigating hundreds of thousands of
cells still remains a tedious task. Flow cytometry on the other hand takes advantage of
the power of numbers with single-cell resolution and can interrogate large numbers
of cells on their physiological characteristics in very short time intervals using a
laser-based detection system.

In essence, flow cytometry is very similar to microscopy but instead of producing an
image as output it quantifies cellular parameters as voltage signals. Once aggregation-
free liquid samples are presented to the machine, the cellular content will be mixed
with a saline solution (sheat fluid) in the fluidics chamber, and cells will be hydrody-
namically steered through a narrowing channel, giving rise to a single file of cells that
is analyzed with laser light at the interrogation point. As individual cells pass the laser
beam, their content will scatter the light in multiple directions allowing for photomul-
tiplier tubes (PMTs) to capture the signal under specific angles. Forward scatter (FSC)
can be detected by a PMT diametrically placed to the illumination light and is indicative
of the particle size, while the side scatter (SSC) is captured perpendicularly to the laser
beam and provides information on the inner complexity (e.g., granularity) of the cell.
These detected photons will then be turned into voltage signals proportional to the
specific characteristics that are measured. Furthermore, flow cytometry supports the
use of fluorophores, thereby enhancing the repertoire of cellular properties that can be
quantified. The emitted fluorescent light is guided through emission filters perpendic-
ular to the excitation beam and allows multiplexing of different fluorophores at the
same time. It is worth noting that many fluorophores can serve in both flow cytometry
and fluorescence microscopy, explaining why this related technique is briefly touched
upon in this review.

For a long time, flow cytometric applications solely focused on eukaryotic applica-
tions since the small bacterial sizes made it difficult to correctly distinguish between the
small cells and other contaminating particles (353–355). However, advances in the
technological setup and the widespread use of fluorescent probes have helped to
overcome these issues, making this technique very suitable to investigate heteroge-
neity within bacterial populations (356, 357). This is further endorsed by the extension
of the flow cytometry setup with a fluorescence-activated cell sorting (FACS) module
that can physically separate and retrieve subpopulations with measurable characteris-
tics. For example, Rego et al. (358) recently used a FACS-based transposon screen in the
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identification of factors influencing the high variability of antibiotic tolerance profiles
seen in isogenic Mycobacterium populations.

Altogether, flow cytometry can be seen as an extremely quantitative and high-
throughput technique that allows studying bacterial populations at the single-cell level
in order to obtain answers to physiological questions. However, this technique fails to
address the intracellular localization of fluorescent markers, as well as the genealogical
relationship among cells, which are features easily discriminated in fluorescence time-
lapse microscopy.

A FLUORESCENT JOURNEY THROUGH THE BACTERIAL CELL BODY

In this second part of the manuscript, we will illustrate how the bacterial cellular
organization and physiology can be visualized and vivisected using the instruments of
the fluorescence microscopy toolbox described in the previous section. The bacterial
anatomical outline will serve as a practical guide to classify mechanistically relevant
case studies, leading the reader throughout the cell while exemplifying and explaining
the different fluorescent dissection strategies that have enabled gaining insight into
the overall architecture and inner workings of the bacterial cell. Starting from the inside,
we will dissect the bacterial cell into three categories (nucleic acids, cytoplasm, and cell
periphery) and use each category to zoom in on different reasonings and strategies that
can be used to solve biological questions by means of (live) fluorescent visualization.

Nucleic Acids
Visualizing the genetic code. The bacterial genetic blueprint differs from those of

eukaryotes by the fact that a single, uncompartmentalized, and often circular DNA
molecule (frequently supported by smaller, circular plasmids) carries all the information
necessary to define the bacterial cell. The lack of confinement by an intracellular
membrane contrasts the spatial separation seen in eukaryotes, leaving room for a
coupling between transcription and translation. Stretching out a typical bacterial
chromosome would give a lengthy string-like structure a few hundred times longer
than the bacterial cell length itself, underscoring the tremendous compaction that
occurs intracellularly. Hence, organizational mechanisms must be in place to make this
compaction compatible with the range of cellular processes, including DNA repair,
replication and segregation, that are essential to life. Figuring out how these processes
can proceed in a reproducible, precise, and timely manner without internal compart-
mentalization might be one of the most challenging tasks in bacteriology to date.

The first clues indicating that the bacterial chromosome had a particular spatial
organization came from light microscopy studies using specific staining dyes that
revealed intracellular bodies of DNA (reviewed in reference 359). This nucleoid, formed
by the chromosomal molecule and its ensemble of bound proteins, attains its highly
compacted shape via a number of mechanisms and ingenuities to fit the small
cytoplasmic space of the bacterium (360–362). Further insights into these intracellular
nucleoid regions have rapidly advanced with new microscopy technologies and im-
proved fluorescent probes. These new features sparked interest in how this nucleoid is
shaped, how it behaves in the three-dimensional space of the cell cylinder, and how it
eventually influences bacterial physiology. These advanced insights pointed out that
certain fundamental cellular processes depend on the dynamic and spatial organization
of this chromosome and that its 3D structure is central to bacterial cellular organization
and physiology (363).

(i) Three-dimensional architecture of the nucleoid. Lacking a distinct compartmen-
talization of the chromosome, it was long assumed that the genetic material of bacteria
was freely floating around the cytoplasm without any higher-order structuring or
intentional organization. The ability to capture three-dimensionality in the bacterial cell
cylinder provided a basis for in-depth research on the nucleoid’s spatial structure and
dynamics, proving that prokaryotes can compete with eukaryotes in organizational
complexity.

Multiple mechanisms underlie the compaction of the chromosomal DNA into the
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three-dimensional shape and size of the nucleoid (360, 364). Major factors that con-
tribute to the structural organization of the bacterial chromatin are architectural
proteins associated with the nucleoid, DNA supercoiling, and macromolecular crowd-
ing. Carrying a variety of functionalities beyond structural scaffolding, most of the
nucleoid-associated proteins (NAPs) are bound to the chromosomal DNA roughly every
100 bp via nonspecific DNA-binding interactions (365), making them outstanding
beacons to visualize the entire nucleoid when fluorescently labeled (309, 361, 366) (Fig.
4A, diagram 1). Wang et al. (309) mapped the distribution of some of the most
important NAPs in live Escherichia coli cells using super-resolution microscopy and
demonstrated a variety of distribution patterns. While NAPs such as HU, FIS, and IHF are
found to be scattered throughout the nucleoid, other members of this protein family,
such as H-NS, display a more localized motif. Similar mapping experiments have been
done for a variety of NAPs in other bacterial species (367–369).

Exploiting the high-density coverage of fluorescent HU, combined with the high
spatiotemporal resolution of deconvoluted z-stack epifluorescence microscopy, Fisher
et al. (232) were recently able to model the 3D architecture and organizational
dynamics of the E. coli nucleoid. Using a translational fusion of the mCherry FP to the
alpha subunit of HU (i.e., HupA), it was shown that the chromosomal DNA does not just
fill up the interior of the cell, but rather is a discrete, delimited object. In fact, the
bacterial chromatin presents itself as a dynamic helical ellipsoid of which the helicity is
determined (and maintained) by the cell radius, rather than being internally regulated
by the nucleoid itself. Furthermore, it was also seen that there are temporal dynamics
in the chromosome where nucleoid density fluxes occur along the cellular axis, leading
to a net nucleoid length increase (232). In a similar approach, using a GFP-FIS fusion to
nonspecifically decorate the entire chromosome of E. coli, Hadizadeh Yazdi et al. (370)
found supporting evidence for the coiled organization of the nucleoid with a helical
pattern depending on the growth conditions and thus the cell size. This three-
dimensional shape of the nucleoid visualized by fluorescent protein fusions agreed
with earlier results from Berlatzky et al. (179), who used exogenously added fluores-
cently labeled deoxynucleoside triphosphate (dNTP) derivatives to visualize newly
synthesized DNA in living Bacillus subtilis cells. Capitalizing on the increased resolution
provided by the effective incorporation of these fluorescent nucleotides solely in the
newly synthesized strand, these researchers were able to infer 3D geometrical patterns
during replication. Another benefit of this technique compared to the NAP approach is
the ability to switch to a pulse-chase experimental setup to further increase temporal
resolution.

NAPs and other fluorescently labeled DNA-binding proteins are very useful tools to
grasp the nucleoid shape in the two- and three-dimensional space (175, 232, 370–372).
However, possible problems with these whole-genome labeling proteins in time-
resolved studies can come from their growth-phase-dependent behavior. For example,
in E. coli a large part of the “histone-like” HU proteins on the nucleoid is replaced by
structural homologs such as IHF (integration host factor) and Dps (DNA protection
during starvation) upon entering early stationary phase (373). As a consequence, these
types of labeling strategies have to be used with care in studies on the growth phase
dependence of nucleoid organization. Such issues can be at least partially avoided by
using exogeneous strategies that are less growth phase dependent, such as fluores-
cently labeled dNTP derivates (179) and DNA dyes (see the following section).

(ii) Nucleoid morphology, localization, and organization in the two-dimensional
cell space. Temporal changes in nucleoid morphology can contain valuable informa-
tion on the bacterial cell status and ongoing cellular processes and can be easily
monitored using wide-field epifluorescence microscopy in combination with “whole
nucleoid labeling” approaches (374–382). To attain such a full labeling of the bacterial
nucleoid, small DNA-binding molecules (376, 378, 379, 383) or fluorescently labeled
DNA-binding proteins (371, 381, 382) can be used (Fig. 4A).

DAPI is the earliest and currently most widespread small DNA-binding molecule
used for visualizing the bacterial nucleoid (28, 371, 373, 377, 378, 380, 384, 385). This
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FIG 4 Overview of strategies to fluorescently label nucleic acids in bacteria. (A) Methods to visualize the genetic blueprint of a bacterium can be subdivided
into three categories depending on their mode-of-action: whole-genome labeling (diagrams 1 to 3), locus labeling (diagrams 4 and 5), and feature labeling
(diagrams 6 to 8). For whole-genome labeling, the strategies support the labeling of the entire nucleoid (and other DNA elements) in the cell and are regarded
as nonspecific, referring to the ample presence of labeling sites rather than to the labeling mechanism itself. (Diagram 1) Fluorescently labeled DNA-binding
proteins such as nucleoid-associated proteins (NAPs) may be used to decorate the chromosomal DNA. Depending on the intrinsic features of the DNA-binding
protein at hand, a different localization motif and coverage density will be attained. (Diagram 2) Likewise, small DNA-binding molecules can be used for
whole-genome labeling. Every type of DNA-binding dye targets a specific (recurrent) structural motif in the DNA macromolecule. (Diagram 3) Adding
fluorescently labeled dNTP derivates to the growth medium leads to effective incorporation of these fluorescent precursors in the newly synthesized DNA
strands. For certain applications, increased resolution into a specific region of the genetic material (i.e., locus labeling) may be desirable. (Diagram 4) A
fluorescent repressor-operator system (FROS) incorporates a tandem array of operator DNA into the region of interest which specifically attracts the cognate
fluorescently labeled repressor to highlight the targeted DNA. (Diagram 5) Similarly, a single parS locus can be inserted into the genome to serve as a binding
site for fluorescent ParB protein. These latter proteins form a filament on parS that spreads out into neighboring sequences and forms a detectable focus.
DNA-specific features such as DNA mismatches and methylation patterns may also serve as probe binding sites to highlight specific events or DNA strands (i.e.,
feature labeling). (Diagram 6) The small fraction of (spontaneous) mismatches that occur during DNA replication and become fixed into the DNA can be
visualized through the exploitation of the methyl-directed mismatch repair system (MMR). Here, fluorescent MutL polymerizes at the mutated site and prevents
mismatch-bound (and unlabeled) MutS from sliding away from the targeted region. (Diagram 7) Double-stranded DNA breaks can be fluorescently labeled
using the Gam protein from bacteriophage Mu that directly binds to the double-stranded DNA ends. (Diagram 8) SeqA-FP has a high affinity for hemimethylated
DNA and solely binds on DNA duplexes in which one of the strands is methylated (red circle). (B) Overview of methods that enable direct RNA visualization
in individual bacterial cells, with only (iii to v) supporting real-time, in vivo measurements of RNA dynamics in the cytoplasm. (i and ii) In fluorescence in situ
hybridization (FISH), complementary oligonucleotides labeled with fluorophores are added exogenously to light up the RNA molecules of interest in fixed and
permeabilized cells. These probes can either target the native RNA molecule (i) or a genetically fused operator array added to the RNA molecule (ii), with the
latter approach increasing sensitivity and signal-to-noise ratio. (iii) A fluorescent derivative of the RNA-binding coat protein of bacteriophage MS2 allows in vivo,
real-time visualization of RNA molecules by targetting tandem repeats of its cognate stem-loop, transcriptionally linked to one of the UTRs of the target RNA

(Continued on next page)
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membrane-permeable dye preferentially binds AT-rich regions (173) and absorbs light
in the UV region, making this molecule highly suited for snapshot imaging but less
valuable for longer in vivo live-cell imaging due to inherent phototoxicity (98). Bakshi
et al. (379) compared several commercially available DNA stains while looking for the
ideal dye to stain the nucleoid in both Gram-negative and Gram-positive species with
minimal physiological perturbations. Surprisingly, they found that so-called “dead-cell
stains” (SYTOX orange and SYTOX green) are nearly ideal for imaging living cells, at
least for the model organisms B. subtilis and E. coli. In contrast, “live-cell stains” (such as
DRAQ5 and SYTO 61), together with the commonly used DAPI, seem to cause un-
wanted effects such as nucleoid expansions, cell permeabilization, and growth defects.
This classification of “live/dead-cell” stain stems from the ability of these dyes to
intercalate the bacterial DNA of uncompromised (living) and compromised (dead) cells,
respectively, providing the power to discriminate between both types in flow cytomet-
ric measurements. However, modern microscopy equipment can pick up the signals of
the small amounts of such “dead-cell” stains that enter uncompromised cells, surpris-
ingly providing less disturbed read-outs. More recent work of Lopez-Garrido et al. (383)
confirmed the time-lapse compatibility of SYTOX green, showing that chromosome
translocation helps to inflate the Bacillus forespore during sporulation. A major disad-
vantage of this dye-based approach is the need for a constant addition of these
potentially toxic reagents that can interfere with DNA stability since they often work via
intercalation. Furthermore, the permeability of these molecules can vary between
different bacterial species, and even between individual cells in an isogenic population,
while also being influenced by the experimental conditions. However, since no genetic
alterations are necessary, the use of these dye molecules allows for a broad host
spectrum, extending beyond commonly used model organisms (386).

Nevertheless, full labeling of the nucleoid does not provide the necessary resolution
to shed light on how internal chromosomal organization and processes such as
duplication or segregation are organized in the cellular space. Dissecting those dy-
namic processes requires labeling specific sections of the nucleoid, creating the ability
to track them for longer periods of time in the cytoplasmic volume. The first technique
that allowed such specific labeling in real-time was originally developed for the analysis
of chromosome behavior in yeast (387, 388) but was soon after modified to monitor the
spatial dynamics of the replication origin (oriC) and terminus (ter) in Bacillus subtilis (10,
389). This strategy relies on a Fluorescent Repressor-Operator System (FROS), where
arrays of operator DNA containing multiple repressor binding sites are incorporated
into the region of interest. This specific region in the chromosome can later be
fluorescently highlighted and tracked in vivo through the binding of (multiple copies
of) the labeled cognate repressor (Fig. 4A, diagram 4). These fluorescent proteins
bound on the ROI are then visible as foci that are clearly distinct from the free-floating
unbound repressor molecules in the cytoplasm. The first FROS element consisted of
tandem lac operator sites (ca. 250 repeats) forming an �10-kb fragment that needed
to be genetically inserted into the targeted region of the bacterial chromosome and
truncated GFP-labeled LacI molecules as the cognate binding partners. This seminal
work of Webb et al. (10) confirmed the earlier genetic prediction of a defined chromo-
somal orientation during sporulation (390) and further showed that this orientation was
also present during vegetative growth where ter and oriC were reproducibly localized
to the new and old pole, respectively. Besides the precise localization of oriC and ter
regions, it was later on shown by extensive work of Viollier et al. (391) that every locus
on the Caulobacter chromosome has a specific subcellular address relative to both ori

FIG 4 Legend (Continued)
(mostly 3=). (iv) Bimolecular Fluorescence Complementation (BiFC) in combination with a spliced eukaryotic initiation factor 4A (eIF4A) can be utilized to attain
a very high signal-to-noise ratio. The labeled, dual eIF4 reporter only forms a reconstituted fluorescent complex when it binds to its cognate, 58-nucleotide
long binding site attached to the target RNA molecule. The latter system can be modified with an additional split aptamer (v) to minimize the amount of
interference in the biological system and alleviate the need for genetic alterations. In this approach, the 58-nucleotide stem-loop is split into two modules
interconnected with an internal flexible linker and reforms via an interaction with the specific, native RNA molecule of interest.
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and ter region, indicating that there is something as a reproducible ori-ter configuration
of the chromosome along the cellular axis. Viollier et al. (391) used an improved
strategy devised by Lau et al. (392) that allows multiplexing different loci at the same
time by using compatible FROS systems (i.e., lacO/LacI and tetO/TetR) labeled with
spectrally different FPs. Furthermore, this altered system also provided a solution for
the inherent genetic instability of the tandem operator repeats by inserting random
sequences between every lacO (21 bp) or tetO (19 bp) site in the arrays. Unlike these
earlier fluorescent repressor-operator systems, typically containing tens to hundreds of
tandem repeats of the operator site, Wang et al. (309) showed that only six interspersed
tetO repeats (219 bp) are sufficient to label the precise position of target genes within
the cells since strains carrying large numbers of repressor binding sites tend to display
growth defects. Via the latter system, Wang et al. (309) obtained indications that the
broad spatially distributed H-NS-regulated operons in the E. coli genome (366, 393)
preferentially sequester into clusters. These clusters are formed by long-distance H-NS
oligomerizations driven by the N-terminal domain of the protein, leading to a substan-
tial folding and reorganization of the chromosomal DNA on a global scale.

Recently, the signal-to-noise ratio of this method was further improved by the
development of a FROS system consisting of two different repressor-operator modules
combined with Bimolecular Fluorescence Complementation (BiFC) (67, 69). This new
system uses two different repressor proteins (�CI and Gal4), each fused to one sub-
fragment of a “split” mVenus molecule, and enables the fluorescence signal to be
reconstituted on a hybrid array constructed by combining the cognate operator sites of
both repressors in an alternating fashion (71).

A second type of locus-specific labeling system is based on modules of the tem-
perate P1 bacteriophage partitioning system and were used in the first studies going
into depth on chromosomal segregation in E. coli (394, 395). It comprises of a parti-
tioning site, parS (286 bp) that in its native system works together with two P1 proteins
(ParA and ParB) to allow faithful distribution of P1 plasmid copies to both daughter cells
(396). Li and coworkers (394, 397, 398) were able to show that this system can be
modified not only to faithfully track the dynamics of the P1 plasmid but also to monitor
specific bacterial loci on the chromosome. In this artificial system, a truncated ParB
protein devoid of its first 30 amino acids is labeled with GFP at its N terminus and can
be used to highlight the parS region in the absence of ParA. This fusion forms bright
fluorescent foci without the need for tandem repeats of the target sequence (as seen
in FROS) since binding of the ParB dimer to the parS locus primes the formation of ParB
filaments that spread out to neighboring sequences (399–401) (Fig. 4A, diagram 5). This
mechanism can, however, lead to unwanted gene silencing in the close vicinity of the
parS insertion site. Furthermore, the modified ParB molecules can interfere with the
partitioning of other plasmids in the target strain and can also aspecifically highlight
other closely related plasmid sequences (402). Dual labeling with this parS-based
system can be achieved by combining the parS of P1 with other compatible par
modules such as that of pMT1 of Yersinia pestis (403). This type of multiplex labeling
was used in the past to follow nucleoid segregation and phage integration dynamics
in E. coli (404, 405).

(iii) Bacterial damage and repair systems as tools for DNA lesion detection.
Bacterial evolvability is shaped by a balancing act between DNA damage and its
concomitant repair mechanisms, safeguarding genome integrity while leaving room for
genetic alterations that can provide fitness benefits. To thoroughly understand the
dynamics of these processes, new experimental approaches were necessary to replace
the traditional population averaged readouts. Indeed, single-cell and single-molecule
strategies now allow investigators to monitor how specific subpopulations contribute
to the average population mutation rate and to determine which molecular dynamics
drive these phenomena.

During DNA replication, a template is copied by the bacterial replisome with high
fidelity throughout the process. Sporadically, however, the DNA polymerase incorpo-
rates a wrong nucleotide, leading to a mismatch that is typically recognized and
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repaired by the methyl-directed mismatch repair (MMR) system before it gives rise to
permanent genetic change. To visualize the small fraction of mismatches in a bacterial
population that are inadvertently fixed into a mutation during a subsequent round of
replication, Elez et al. (406) developed a fluorescent probe based on a modified but still
functional MMR system in E. coli (consisting of the MutS, MutL, and MutH proteins)
(Fig. 4A, diagram 6). In the MMR-assisted repair process, MutS detects and binds the
nucleotide mismatches, while MutL polymerizes at the mismatch sites to prevent the
mismatch-bound MutS from sliding away from the targeted region (407, 408). By
fluorescently labeling MutL, foci can be detected on those mismatches that will
become fixed in the next round of replication since in these affected region the
fluorescent protein accumulations have the time to become bright and persistent
enough to be imaged, whereas the repaired mismatches are too short-lived for focus
formation (406, 409). Several biological factors impact the number of MutL foci that can
be microscopically detected, namely, the error frequency in DNA replication, the error
repair rate efficiency and efficacy, and the functionality of both MutL and MutS (406).
More recently, Robert et al. (410, 411) combined time-lapse imaging, microfluidics, and
this specific fluorescent tag to monitor the dynamics and fitness effects of spontaneous
point mutations on the single-cell level in E. coli. Going a step further, both Uphoff (412)
and Woo et al. (413) combined the MutL-FP reporter with transcriptional readouts to
couple gene expression dynamics to mismatch events, showing that DNA replication
errors arise with different frequencies in subsets of the population due to cell-to-cell
variance in the expression of DNA damage responses and endogenous stress (such as
problems with proteostasis, genome maintenance, and reactive oxygen species). An
important limitation of this approach is that different types of mismatches are recog-
nized by the MMR system with different efficiencies leading to a possible detection bias,
with some lesions not properly showing up in this microscopy-based approach (412,
414). However, the resolving power of this method far more than complements the
traditional mutation assays that show only time and population averaged mutation
rates, thus deepening the understanding on the underlying molecular processes (412).

Double-strand breaks (DSBs) in the chromosome work as a highly genome-
destabilizing type of damage that can contribute to bacterial evolution (415–417).
These DNA lesions occur spontaneously in a small percentage of the bacterial popu-
lation under normal growth conditions but become more prevalent when certain
stressors are applied. To calculate precise rates of spontaneous (or induced) DSBs, Shee
et al. (418) recently constructed a synthetic system based on a fluorescently labeled
Gam protein. This protein originates from bacteriophage Mu and is able to bind
double-stranded DNA (dsDNA) ends. The fluorescent Gam probe can therefore be used
to visualize the subchromosomal location of DSBs by focus formation and allows for an
exact quantification of the number of double-strand ends inside the cell (Fig. 4A,
diagram 7). Rather than being a multibreak catastrophe, spontaneous DSBs mostly
show up as a single breakpoint in the nucleoid of affected cells. Furthermore, the
number of lesions formed in a population within a specific time frame displays a precise
correlation with the number of divisions, implying that a replication/generation-
dependent (and not time-dependent) mechanism is at the base of spontaneous DNA
breakage. These two findings enabled Shee et al. (418) to calculate the first true rates
of spontaneous DSB formation (�0.021 per cell division), putting them 10 to 20 times
lower than initially postulated (416). In contrast to the � phage Gam protein that binds
to the E. coli RecBCD (DSBs repair) protein complex, the Mu variant directly protects
linear DNA without performing any repairs or binding to other known proteins (419–
421). However, as Gam-GFP will directly bind to the linear dsDNA pieces in the
cytoplasm it will prevent the bacterial RecBCD complex from repairing the damage and
will lead to a loss of viability, making visualization of the postbreakage repair dynamics
impossible (418, 422).

An important second part of these evolutionary dynamics is governed by bacterial
DNA repair mechanisms that protect the genome and its host chassis from the
detrimental effects of these mutational mechanisms. How these DNA repair machin-
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eries work in vivo and how they coordinate their function in single cells can be
investigated by different fluorescence imaging techniques gauging different charac-
teristics of the target molecules (423). Many insights into DNA repair dynamics have
been attained by looking at the direct action of proteins inside single cells, thereby
overcoming the limitations inherent to measuring averages over large populations of
molecules and cells (326, 335, 424, 425). Using photoactivation and longtime tracking
of single fluorescently labeled DNA polymerase I (Pol) and ligase (Lig) molecules during
their in vivo working, Uphoff et al. (319) showed that both proteins spent most of their
time searching for free damaged DNA substrates and that their numbers rapidly
increase within minutes after DNA damage is inflicted, thereby minimizing both the
number and the lifetime of toxic intermediates that need repair. Furthermore, they
could also show that individual Pol and Lig complexes float around in the cytoplasm
with a very low affinity for undamaged DNA, but transiently bind to damaged sites that
need repair. This type of approach using single-molecule tracking provides a framework
for quantifying reaction rates of any type of enzyme that changes its diffusion charac-
teristics upon target binding and release.

Another key player in DNA repair is RecA, a protein that orchestrates the response
to DNA damage through multiple roles in the bacterial SOS response aimed at
protecting and repairing the chromosome. Upon infliction of DNA damage, transcrip-
tion of the recA gene is upregulated, giving rise to an �10-fold increase in protein levels
in the cell within minutes (426–429). Over the years, tools have been developed to
probe RecA dynamics within single cells and follow its spatiotemporal changes in
response to damaged genetic material. However, making a distinction between func-
tionally different representations of intracellular RecA (free-floating, DNA-bound or
DNA-free storage structures, . . .) has been very challenging to achieve solely based a
fluorescent fusion visualizing the localization patterns (429–433). Furthermore, these
fusions have consistently created proteins with reduced functionality (429, 434) and
affected localization patterns due to the presence of the tagging moiety (430). To solve
this problem, Ghodke et al. (139) created a novel fluorescent probe based on a
monomeric and catalytically dead �CI repressor that uniquely interacts with activated
RecA in nucleoprotein filaments formed on ssDNA stretches at lesion sites and has lost
its intrinsic ability to directly bind DNA by the removal of its N-terminal domain. Using
this probe as part of a wider (single-molecule imaging) approach, Ghodke et al. (139)
showed that RecA is largely stored in specific DNA-free aggregates residing outside the
nucleoid during normal growth but, upon DNA damage, is rapidly extracted from these
storage complexes and nucleated to form early SOS-signaling complexes that can later
further mature into nucleoprotein filaments.

(iv) Visualization of lateral elements and horizontal gene transfer. Horizontal gene
transfer has an enormous impact on bacterial genome plasticity and its evolution. It
comprises the lateral transfer of DNA between different genomes via transformation
(uptake of free DNA), conjugation (plasmid-mediated transfer) or transduction (phage-
mediated transfer). Tracking the movement of transferable genetic material allows for
detailed spatiotemporal information on these processes, starting at the point of cellular
entry up to the possible insertion in the recipient chromosome.

An interesting technique to monitor horizontal gene transfer processes was initially
developed by Babic et al. (435) to quantitatively look at conjugation on the single-cell
level and monitor the fate of the newly acquired genetic material throughout several
generations. These researchers exploited two biological features to come to a success-
ful strategy: (i) after the formation of the conjugation pilus by the donor cell, a
single-stranded nick is created in the mobilized plasmid, leading to the transfer of a
single DNA strand to the recipient via rolling circle replication (436), and (ii) the high
affinity of SeqA, a repressor of E. coli replication initiation, for DNA methylated in only
one strand of the duplex (i.e., hemimethylated) (Fig. 4A, diagram 8) (437–439). In the
experimental setup, the dam-methylated donor DNA is passed on to a dam-null
recipient strain that has lost the ability to methylate the 5= GATC binding site of SeqA.
After this transfer, the methylated ssDNA is reconverted to a duplex macromolecule
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through the synthesis of a complementary (nonmethylated) strand. This hemimethyl-
ated dsDNA can then be bound by the fluorescently labeled SeqA expressed in the
dam-deficient receptor strain (440). In subsequent rounds of replication this partially
methylated plasmid gives rise to unmethylated DNA duplexes, while itself permanently
remaining in a hemimethylated state. The experimental system therefore enables to
distinguish the transferred material from the recipient-produced DNA and to follow its
segregation at the single-cell level across several generations by means of time-lapse
fluorescence microscopy. Later on, Babic et al. (440) also exploited a FROS-based
approach to look at integrative and conjugative elements (ICEs) in B. subtilis, verifying
ICE delivery in the recipient via focus formation. ICEs reside in the bacterial chromo-
some but can excise to form a conjugative, double-stranded plasmid that can integrate
in the recipient genome (441–445). To corroborate their observation that these mobile
elements also spread throughout septated cell chains while only a single recipient cell
directly mates with the donor, Babic et al. (440) constructed a recipient population that
carried a conditional SsrA protein degradation tag (30, 446) linked to GFP. This tag is
derived from a natural prokaryotic process called trans-translation, whereby stalled
ribosomes are rescued by translationally adding the SsrA tag to the truncated poly-
peptides via tmRNA. The SsrA peptide will target the modified peptide to the protein
degradation machinery, thereby ensuring protein quality control and preventing ac-
cumulation of aberrant and incomplete proteins in the cell (447). Thus, by adding the
gene encoding SspB (a protein that degrades SsrA-tagged proteins) to the ICE module,
they were able to see that the diffusive fluorescent signal not only disappeared in the
initial transconjugant due to protein degradation but also turned dark in all the other
cells of the same chain, confirming the spread of ICEs.

More recently, the SeqA strategy found applications in a variety of other horizontal
gene transfer events. For example, Shao et al. (448) adopted this technique to monitor
the movement dynamics of phage DNA inside a bacterial host cell and found that �

phage probes the intracellular environment via two distinct modes: (i) a localized
motion, keeping the fluorescent SeqA protein/phage DNA complex confined close to
the phage injection site, and (ii) an active motion that spans the entire cell. The
preference for one mode or the other was not dependent on the eventual fate of the
phage DNA but clearly influenced by the location of � DNA injection. When the entry
point of the DNA into the cell is within the quarter-cell to polar region, the phage
material prefers to exhibit a localized motion around the injection site. However, when
the entry point is located more to the midcell region, particle motion spans the whole
cell volume. A possible explanation for this differential locomotion is the preference of
� phage DNA for the quarter-cell to pole region as workspace for phage replication,
packaging, or integration into the host chromosome (448). In short, DNA injected into
other regions of the cell has to travel longer distances to find this preferred workspace
regardless of the infection pathway that is followed. To achieve entry point and motion
labeling, Shao et al. (448) labeled the phage particle via a fluorescent fusion to a capsid
protein and detected the injected DNA via SeqA labeling as described above. Unlike for
bacterial DNA, SeqA is able to bind � phage DNA in both a fully methylated and
hemimethylated state with similar efficiency and affinity (449, 450). When phage
progeny that is formed in a dam-proficient strain infects a methylation-deficient host
strain that constitutively expresses SeqA-ECFP, fluorescent foci will be directly formed
upon the injection of the methylated dsDNA phage DNA. Replication of this DNA in the
dam-deficient strain will produce only two hemimethylated DNA duplexes that can be
monitored over time, as further phage replication will lead to unmethylated double-
stranded molecules blinded from SeqA recognition. In a follow-up study, the same
group used both the SeqA labeling and FROS approaches to deepen the knowledge on
the complexities of the lysis-lysogeny decision-making by monitoring the DNA move-
ments of both the phage and the host during this process (451). Furthermore, similar
approaches can be used to monitor the DNA degradation of horizontally transferred
DNA and real-time CRISPR-Cas phage degradation (435, 452). Besides using the above-
described labeling strategies, phage infection and lysogeny dynamics can be visualized
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by parS-ParB (402, 405, 453), FROS (454), transcriptional (455), or dye labeling (456, 457)
methods.

Despite the significant role transposable elements (TEs) play on genome plasticity
(458), little is known on their single-cell dynamics. Therefore, Kim et al. (459) recently
developed an experimental system that uses fluorescent reporters and an interrupted
promoter to directly observe and quantify single TE excision events in real-time. Their
system consists of an N-terminally Venus-labeled transposase flanked by imperfect
palindromic sequences forming the cognate cleavage sites. Conditionally controlling
the expression of the transposase enables to simplify TE excision dynamics and look at
TE excision probabilities as a function of the intracellular transposase concentration. As
the TE is removed upon excision, the previously interrupted promoter will reconstitute
its �10 and �35 promoter sequences, leading to constitutive expression of a blue
mCerulean3 reporter. By comparing the intensity of the yellow (i.e., number of trans-
posase molecules) and blue fluorescent signal in single cells titrated over a wide range
of transposase inducer, it was for the first time possible to determine an in vivo excision
response function to transposase concentration.

Lighting up the transcriptome. The early view of the bacterial cell as an uncom-
partmentalized and unstructured environment led to a focus on the temporal dimen-
sion of RNA expression, thereby neglecting the possible spatial localization of some of
these molecules in the cytoplasm (460). However, recognizing the intricate intracellular
organization within bacteria (5) and the importance of RNA localization in eukaryotes
(461, 462) gradually increased interest in their spatial patterns. From then on, new
strategies and tools have been developed to allow in vivo visualization of single RNA
molecules within these micrometer-sized organisms, showing the presence of post-
transcriptional localization patterns for at least some RNA species (70, 463–467). Much
still needs to be uncovered, but it has become apparent that spatial organization of
RNA and their dedicated cellular machineries has a profound impact on gene expres-
sion and cellular regulation, as is seen in eukaryotes. Although the driving mechanisms
still remain elusive, all these recent findings further underscore the functional com-
partmentalization of the bacterial cell without the need for physical separators (463).

In the following section, techniques will be discussed that allow for direct RNA
visualization in single cells with an emphasis on those techniques that support real-
time dynamic tracking. The very low copy numbers in which some bacterial mRNAs are
present make their visualization extra challenging and impede the use of certain
techniques used in eukaryotic model systems (468). Currently, two main methods exist
for direct visualization of the short-lived RNA molecules: (i) fixed cell imaging using in
situ hybridization, and (ii) live-cell microscopy using aptamer- or protein-based RNA
binding beacons (Fig. 3B). Only the latter approach supports real-time, in vivo mea-
surements of RNA dynamics in the bacterial cytoplasm.

(i) Fluorescence in situ hybridization. Fluorescence in situ hybridization (FISH) is the
most widely used method for RNA visualization in both eukaryotic and prokaryotic
research. It uses exogenously added, complementary oligonucleotide probes labeled
with fluorophores to light up the RNA molecules of interest in fixed and permeabilized
cells (Fig. 4Bi) (469). Over the years, this method has been vastly improved to resolve
major concerns regarding the probes such as delivery efficiency, nuclease-sensitivity
and nonspecific background of the signal (463, 469–476).

Montero Llopis et al. (463) were among the first to hint toward a clear spatial
organization of mature mRNA. With their improved quantitative FISH protocol, these
researchers showed that mRNAs in the model organism Caulobacter crescentus tend to
stay close to their nascent transcription site during their entire lifetime. Instead of
targeting the FISH probe directly to a native mRNA molecule, these researchers devised
a new method to improve the signal-to-noise ratio as well as the sensitivity, while at the
same time enabling quantitative analysis. This was achieved by transcriptionally fusing
120 noncoding tandem LacI operator sequences (lacO120) to the gene of interest,
enabling a better and brighter visualization of the targeted mRNA (Fig. 4Bii) (392, 463).
This specific array was added to the 3= prime of the mRNA target closely after the stop
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codon where it is expected to have minimal effects on the stability and the translation
of the molecule (463, 477). Upon expression of these tagged mRNA molecules from
their native locus, a signal amplification is obtained by using a high-affinity single
locked nucleic acid (LNA) probe targeting the lacO sequence (478).

(ii) RNA dynamics in living cells. Most of the drawbacks associated with these probe
hybridization techniques are avoided in live-cell RNA imaging techniques. The majority
of these real-time techniques require no addition of exogenous reagents, allowing for
native physiological conditions during the experiment.

A widely used strategy for in vivo, real-time visualization of RNA molecules uses a
fluorescently labeled RNA bacteriophage MS2 coat protein (here referred to as MS2)
(Fig. 4Biii) (479) and was adapted for applications in bacteria by Golding and Cox (480).
This system is based on the highly specific interaction between a tandem MS2 dimer
(MS2d) and its 19-bp operator stem-loop of which palindromic repeats are transcrip-
tionally linked to the 3= untranslated region (UTR) of the target RNA. To increase the
stability of this array, Golding and Cox (480) inserted random sequences between each
of the 96 binding sites, thereby shortening the runs of perfect homology and avoiding
spontaneous recombination events at the DNA level. The long array of stem-loops
improved the signal-to-noise ratio, enabling for single molecule detection and longer
time-lapse experiments in their setup. Later on, Nevo-Dinur et al. (464) further refined
the system by reducing the stem-loop array to six tandem repeats, which turned out to
be sufficient for spatial and temporal tracking of mRNA molecules. With this improved
strategy, Nevo-Dinur et al. (464) showed that certain mRNA molecules in E. coli are
targeted to the location where their protein counterpart has its functionality (464),
underscoring an apparent difference in intracellular environment with C. crescentus
(463) (see “Fluorescence in situ hybridization”). Recently, this difference in macromol-
ecule mobility between species as seen in the comparison between mRNA movement
in E. coli and C. crescentus was addressed by Gray et al. (382). These researchers proved
that the nucleocytoplasmic (nucleoid area/cell area) ratio impacts the mobility and
biophysical properties in the bacterial cytosol. Higher nucleocytoplasmic ratios, like
those found in C. crescentus, minimize the DNA-free space in the cytoplasm, in turn
limiting the movement of larger macromolecules such as polysomes (mRNA combined
with ribosomes). Conversely, the lower ratio for E. coli supports a higher mobility for
ribosome-bound transcripts since it is easier to escape from the DNA meshwork.
However, these cognate mRNA localization patterns remain heavily debated and poorly
understood (465, 467).

The high level of background fluorescence stemming from free-floating MS2 sig-
nificantly decreases the sensitivity of this method. A solution to this problem was found
in Bimolecular Fluorescence Complementation (BiFC) [see “(Auto)fluorescent proteins”
above], wherein two nonfluorescent fragments of a “split” FP are brought into close
proximity via the interaction of their fusion partners to reconstitute the autofluorescent
protein and enable the complex to regain the ability to fluoresce (67, 69). Using this
strategy, Broude and coworkers (70) built an RNA reporter system that exploits a spliced
eukaryotic initiation factor 4A (eIF4A; 29 kDa) and links each part to one half of a split
EGFP fragment via a flexible linker (Fig. 4Biv). The split eIF4A reporter can only form a
reconstituted fluorescent complex when it binds to its cognate stem-loop. This 58-
nucleotide binding site is fused to the RNA target and ensures high-affinity binding to
the specific RNA molecules of interest (70, 481). Although this need for fluorescence
reconstitution on the RNA stem-loop improves the signal-to-noise ratio, it also de-
creases the response time compared to other methods since chromophore maturation
only starts upon reconstitution. Furthermore, a second drawback to the technique is
that it cannot be excluded that the GFP-eIF4A complexes formed on the stem-loops
persist after the disappearance of the RNA (70).

All of the above in vivo techniques require genetic alterations of the target RNA,
potentially leading to changes in its normal kinetics and behavior. Although these tags
are usually placed in the 3= UTR of mRNA to minimize potential interference, turnover
kinetics of the RNA could still change through a protective effect of the ribonucleo-
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protein complex that is formed upon binding of the fluorescent reporter (460, 477). To
address these problems and downplay the amount of interference in the biological
system, the eIF4A method was further modified by combining BiFC with a split aptamer
approach (Fig. 4Bv). In this approach, a targeting aptamer (i.e., oligonucleotide that can
bind a specific target RNA) is used that consists of two modules connected with an
internal flexible linker. The first module of this aptamer is responsible for the RNA
targeting, and the second module forms the eIF4A recognition stem-loop. It is this
recognition stem-loop in the aptamer that is split through the insertion of the flexible
linker and which can only reconstitute when bound to the specific RNA molecule. Only
then the stem-loop becomes available and serves as a landing site for the “split eIF4A”
to reconstitute its fluorescence (482, 483). This new technique combines the flexibility
and sensitivity of hybridization-based oligonucleotide probes with the low background
fluorescence of BiFC to allow detection of unmodified RNAs using only endogenously
expressed reagents.

Bacterial Cytoplasm

The cytoplasm comprises the building blocks necessary for bacterial life and pro-
vides a compartment shielded from the outside environment where vital functions and
reactions can be maintained. It is an aqueous but viscous setting, crowded with
molecules ranging from subnanometer (ions and metabolites) to micrometer (protein
filaments and chromosomes) sizes (484–486). Since bacteria carry no known cytoskel-
etal motor proteins, molecular transport and cytoplasmic mixing in the micrometer-
sized cytoplasmic space is assumed to primarily depend on diffusion. This diffusion sets
the rate at which molecular interactions can occur, and it is thus deterministic for the
biological reaction speed and cell physiology. Furthermore, homogeneous distribution
of cellular components in the cytoplasm is essential for cell proliferation by ensuring
that components are evenly distributed to both daughter siblings. As the sole true
bacterial compartment, separated from its surroundings by a semipermeable mem-
brane, the bacterial cytoplasm sustains the necessary gradients required for growth
(487).

The bacterial cytoplasmic volume: probing its properties and its use as physio-
logical reporter. Since most cellular processes occur in the cytoplasm, it is logical to
assume that the specific physical nature of this fluid space has an enormous impact
on cell physiology and intracellular dynamics. However, for a long time there was no
unifying view on how this compartmentalized liquid functioned, and many conflicting
reports on the diffusive motions in the cytoplasm were published (251, 488–491). A
better understanding on how diffusion of molecules is influenced by the properties of
the cytoplasm came from the group of Jacobs-Wagner (486). To characterize the
internal physical properties of bacteria, these researchers used single-particle tracking
of intracellular structures to show that the cytoplasmic fluid displays properties dis-
tinctive of colloidal glasses (492, 493), thereby fundamentally changing the view on the
bacterial cytoplasm (486). Essentially, this means that for small particles, the cytoplasm
behaves as a liquid, while at increasing particle sizes, the cytoplasm is perceived as a
glass-forming liquid that approaches the glass transition (494). For the latter situation,
the internal fluid mirrors a liquid, yet the mobility in this suspension is slow enough that
is can be considered essentially frozen. To prove this size-dependent perception of the
“cytoplasmic state,” Parry et al. (486) developed a novel probe based on a truncated
variant of the avian reovirus (nonstructural) �NS protein that is completely devoid of
specific interactions with other endogenous cellular components and used it to sample
the state of the cytoplasm. This �NS probe functions as a self-assembling protein
forming a globular particle in the cytoplasm, even when fused to GFP (486, 495, 496).
By varying the inducer concentration and induction times for the expression of this
inert GFP-�NS chimera, particles of different fluorescence intensities (and thus sizes)
could be formed intracellularly. It became apparent that the fluorescence intensity of
this GFP-�NS particle was inversely correlated with its mobility in a manner dispropor-
tional compared to “normal diffusion,” pointing out the rise of extra constraints with
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increasing particle size. Remarkably, these glassy dynamics and constraints are partially
overcome by changes in the metabolic activity of the bacterial cell. Parry et al. (486)
suggest from their experimental data that the bacterial cytoplasm is “fluidized” by an
increased cellular metabolism enhancing the motion of cytoplasmic components and
that this effect increases with the component size. Later, a similar energy dependence
of intracellular movement was probed as a proxy for individual inactivation and
resuscitation dynamics by using a synthetic CI-based protein aggregate in stressed
populations of E. coli (497).

It is hypothesized that this glass-like state is partially caused by the high macromo-
lecular crowding in the bacterial cytoplasm (486), which implies that crowding is an
important parameter influencing biochemical reactions and bacterial proliferation.
Recently, a novel tool was developed to directly measure macromolecular crowding via
a quantitative temporal read-out using a genetically encoded FRET-based sensor (498)
(see “Förster resonance energy transfer”). This sensor contains a flexible domain that
changes conformation in response to various degrees of crowding, altering the dis-
tance between the mCerulean and mCitrine FRET pair, positioned at the N and C
termini, respectively. Boersma et al. (498) validated this sensor in a FRET ratio setup
using scanning confocal microscopy and could show that macromolecular crowding
changes in live E. coli cells exposed to osmotic stress (498, 499).

Besides its role as intracellular reaction fluid and keeper of cellular homeostasis,
the cytoplasm can also contribute to intercellular communication. By forming a direct
channel or nanotube between two cells, a route can be formed for cytoplasmic
communication, exchanging protein factors and plasmids from a donor to an acceptor
cell (500). Dubey and Ben-Yehuda (500) were able to visualize this phenomenon in two
different ways: (i) by using a cytoplasmic fluorescent protein to see the interaction
between a GFP� and a GFP– population and (ii) by using the cytoplasmic fluorophore
calcein. Calcein is a small acetoxymethylester-derivative that in its native state is
sufficiently hydrophobic to transverse the cell membrane but is intracellularly trans-
formed into a cytoplasmically locked fluorophore after hydrolysis by an endogenous
esterase (501). In both approaches, a transfer of cytoplasmic volume to naive, recipient
cells confirmed the exchange of material, even between evolutionary distant bacterial
species. More recently, the Ben-Yehuda group further elaborated on this phenomenon,
showing that these nanotubes enable nutrient extraction from other bacteria (502), as
well as from infected eukaryotic cells (503). By also providing molecular insight into the
apparatus that provides a platform for nanotube biogenesis, the same group was
recently able to underscore that nanotubes are a ubiquitous organelle across the
bacterial kingdom supporting intercellular molecular trade (504).

The cytoplasmic volume can also be exploited as a reporter system to probe
individual growth rates over time. One such approach that uses this compartment as a
molecular clock bases itself on the spontaneously changing spectral characteristics of
DsRed-E5 timer fluorescent proteins [see “(Auto)fluorescent proteins”] to visualize the
wide phenotypic variation of Salmonella during infection of eukaryotic host cells (505).
Capitalizing on the high resilience of DsRed variants to proteolysis (506), the time-
dependent shift in the emission spectrum of the fluorescent timer (FT) protein allowed
the investigators to discriminate between the slow-proliferating cells emitting signal in
the red side of the spectrum and fast-dividing green cells, in which continued produc-
tion of fresh (green) FT proteins overpowers the diluted-out older (red) DsRed-E5
molecules (505). A similar concept was recently used to enrich a metabolism-wide
CRISPRi knockdown E. coli library for slow-growing cells via flow cytometry and cell
sorting to retain only the red-shifted cells (507). An important consideration that has to
be made in timer-based growth rate measurements is that only changes over longer
time periods can be detected, whereas short-term fluctuations will remain under the
radar. Furthermore, for in vivo infection dynamics oxygen can play an important role as
it is needed for the maturation of the chromophore. This presents an important
downside to the system, especially in inhomogeneous oxygenated body cavities where
green timer protein might reflect fast growth, low oxygen tension (508), or a combi-
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nation of these two parameters. The use of this system in vivo is thus still limited to
homogeneously oxygenated tissues such as the spleen (505) until FT proteins can be
constructed with lower oxygen dependence sensitivity.

A similar method that enables monitoring single-cell proliferation dynamics in
host cells is based on the concept of fluorescence dilution (509, 510). Rather than
relying on a color change, these systems use the cytoplasmic dilution that occurs
during bacterial cell division to create an informative readout. Here, a dual fluo-
rescence reporter plasmid is in place, with one fluorescent protein being constitu-
tively expressed, whereas a second reporter is only expressed upon induction.
Bacterial divisions can then be measured as the dilution rate of the pulse-induced
fluorescent protein compared to the constant signal of the constitutively reporter.
Alternatively, the temporal range of measurement can be extended by using two
different inducible promoters and sequentially removing the inducers (510).

Likewise, growth resumption from stationary phase can be visualized with a two-
component fluorescent system (511). This system allows for a single-cell level investi-
gation of the correlation between the timing of entry into the stationary phase, as well
as growth resumption in the following period of cell proliferation. Cells carrying two
plasmids with different fluorescent reporters (e.g., Crimson and GFP) are initially grown
to stationary phase, where the induction of Crimson FP expression is halted. Upon the
addition of a new carbon source, GFP expression is induced in cells that resume protein
synthesis, while at the same time Crimson is diluted out by the following cell division.
In a variation on this theme, the timing of the Crimson induction can be changed to the
transition period from growth to stationary phase, leading to a bifurcation of the
population: one population will express Crimson FP since it was still metabolically
active at the time of induction, while a second population will show no Crimson
fluorescence since their metabolism was already halted leaving them unable to re-
spond to the inducer. Jõers and Tenson (511) noted a “last in, first out” rule under
certain growth conditions: the last ones to shut down their metabolism at the onset of
stationary phase are the first to resume proliferation in response to nutrients. More
recently, this approach was used in combination with flow cytometry to show that
muropeptides stimulate growth resumption in stationary E. coli cells (512).

Visually gauging the physiological state of individual cells. Every bacterium is
programmed to safeguard its homeostasis by keeping a myriad of different physiologic
features such as intracellular pH, ATP level and redox balance, in check. An important
shortcoming in current live-cell biology is the lack of insights into the homeostasis of
individual cells within a (bacterial) population. While metabolomics technologies are
skyrocketing and addressing a decisive layer of complexity in bacterial physiology
(513–518), they are typically restricted to ensemble measurements on bulk populations
and therefore blind to intercellular differences and heterogeneity. Over the past few
years, however, it has become possible to (semi-)quantitatively acquire information on
the physiological state of individuals cells, mainly by using ratiometric-based fluoro-
phores (267–269, 519).

An overview of the current state of the art on these biosensors can be found in a
recent review by Jin Zhang’s group (520). Since the whole field of fluorescent biosen-
sors is mainly focused on eukaryotic applications, most applications require optimiza-
tion for prokaryotic use. Below, we discuss different examples of these applications and
show how they enable physiological and metabolic readouts in bacterial cells. It should
be noted that some of these approaches still suffer from limitations and artifacts,
especially on the single-cell level. For batch culture use, however, several of these
biosensors have already been successfully applied (521–524).

(i) Intracellular pH. How the bacterial pH changes in response to acid stress is a
well-debated topic that requires a thorough understanding as pH stress is often
encountered throughout bacterial life and has a determining influence on protein
stability and intracellular reaction rates.

A widely established method for monitoring pH homeostasis is based on a pH-
sensitive variant of GFP named pHluorin (pronounced as “fluorin”) (519, 525). This
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genetically encoded ratiometric probe exploits the bimodal excitation spectrum of
wild-type GFP [see “(Auto)fluorescent proteins”] (74–76) to support continuous and
noninvasive measurements of the intracellular pH in single bacteria. The original design
of pHluorin by Miesenböck et al. (525) incorporated a number of amino-acid substitu-
tions in GFP to obtain a pH-dependent switching between the different protonation
states of Tyr66 in the chromophore. With an increasing acidity, the ratiometric pHluorin
displays a dose-dependent decrease in the excitation at 395 nm (protonated Tyr66) with
a concomitant increase in the excitation at 475 nm (deprotonated Tyr66) measured at
the emission wavelength of 535 nm (526). This probe was shown to work well in both
Gram-negative and Gram-positive bacteria with single-cell resolution (519, 527). How-
ever, very recently Chakraborty et al. (270) addressed the limitations of this probe for
pH measurements on the single-cell level casting doubt on its validity.

This same research group proposed two other, though non-genetically encoded,
methods to measure intracellular pH in real-time with single-cell precision (268, 270).
Chakraborty et al. (270) compared the commonly used pHluorin to their proposed
I-Switch and BCECF-AM dye approaches that are discussed below. For both of their
systems, they obtained results significantly differing from experiments on acid stress
carried out with pHluorin. In the I-Switch approach, a DNA-based FRET biosensor
(I-Switch) is used to measure the cytoplasmic pH (268). This novel biosensor undergoes
non-Watson-Crick base pairing in the presence of an excess of protons, leading to FRET
activation (268, 528, 529). The I-Switch nanomachine consists of two DNA duplexes
connected to each other by a flexible hinge and bearing cytosine-rich single-stranded
overhangs at the duplex termini labeled with Alexa-488 and Alexa-647 dyes. These
overhangs will unite to form an I-motive (530) upon protonation, thus adopting a
“closed” state at acidic pH leading to an increased FRET signal. At more neutral pHs, this
I-motif dissociates and will push the fragment toward an “open” conformation due to
entropy and electrostatic repulsion (529), lowering the FRET readout. The downsides of
this probe are the need for electroporation to get the FRET sensor inside the cytoplas-
mic space and the inability to measure basic pH due to its specific response mechanism.

The fluorescent BCECF-AM [2=,7=-bis-(2-carboxyethyl)-5-(and-6)-carboxyfluorescein,
acetoxymethyl ester] dye (268, 270, 531–533) was originally developed by Roger Tsien
and coworkers in 1982 and is a commonly used intracellular pH indicator (534, 535).
This specific dye can easily permeate the bacterial membrane and is activated by
intracellular esterases once it reaches the cytoplasm leading to a trapped, active
fluorescent form (534, 536). Inside the cells, these activated molecules will then change
their emission ratio depending on their protonation state, keeping the response to
440-nm light constant, while pH-dependently altering the 525-nm emission signal after
excitation at 488 nm (537). The limited pH range of BCECF (pH 6 to 7; compared to pH
5.1 to 7.1 for I-Switch and pH 5.5 to 8.5 for pHluorin) and the need for cellular
incubation in dye solution, followed by a mandatory washing step, make this approach
less straightforward than the pHluorin method. Another downside is that some of the
intracellular BCECF will leak to the outside and can possibly interfere with the mea-
surements. However, this kind of problem can be easily solved upon continuous
perfusion in microfluidics setups (535, 538). Other pH dyes are also available, but their
ability to support single-cell measurements remains unclear (535, 539, 540).

(ii) Redox balance. Recently, Abraham et al. (267) reported the development of a
single-cell sensor for bacteria that is able to read out the intracellular redox (reduction/
oxidation) state, something that is considered as an important proxy of the overall
metabolic state of the cell (541, 542). This probe carries two fluorescent proteins (i.e.,
Cerulean and Citrine, linked through a biotinylation domain) that are both modified to
have only one reactive cysteine residue on the protein surface, closely located to the FP
chromophore. In an oxidized state, the FRET pair will be in closer proximity of each
other through the formation of a labile disulfide bond between the donor (Cerulean)
and the acceptor (Citrine), resulting in a higher FRET efficiency. In reducing environ-
ments, the FRET signal will be diminished as a consequence of the increased distance
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between the interacting FPs. As such, the buildup of this probe confers a large dynamic
measuring range to the sensor (267).

Around the same time, a second system based on a redox-sensitive GFP was also
implemented to nondisruptively measure real-time fluctuations in the intrabacterial
redox environment and even enabled monitoring these dynamics in bacteria caught
inside macrophages (543, 544). In this study, the second generation of reduction-
oxidation-sensitive GFP (roGFP2) was adopted to read out the redox balance via a
ratiometric output in line with the intracellular concentrations of the two spectrally
different isoforms formed (i.e., roGFP2ox and roGFP2red) (543, 545, 546).

Other fluorescent tools for redox measurements have been developed, but are not
yet all transferred to applications in bacterial model systems or have been tested for
single-cell real-time measurements (541, 542, 547–549).

(iii) Single-cell visualization of ATP levels. ATP is the primary energy currency in the
cell and fulfills a key role in bacterial physiology and energy management. Conven-
tional methods to measure the ATP levels within bacteria only provide ensemble
measurements and often require cell lysis and normalization operations (550–552). This
type of approach does not allow differentiating individual cells within a population
based on their energy level, nor does it support a detailed, single-cell investigation of
energy level fluctuations in different (stressful) conditions.

Some tools are currently available to track ATP levels in bacteria with single-cell
resolution for extended time periods, although these approaches still have some
drawbacks. The best-described example of real-time in vivo ATP measurements was
published a few years ago by Maglica et al. (269). These researchers combined micro-
fluidics and time-lapse microscopy to see how exposure to antibiotics changed the
mycobacterial energy metabolism and how energy levels during the treatment affected
bacterial viability upon removal of the antibacterial component. To retrieve dynamic
information on the energy status of single cells, FRET sensors originally developed for
real-time ATP measurements in eukaryotic cells were incorporated in the genetic
blueprint of Mycobacterium (269, 553, 554). In these ATeam biosensors, a donor/
acceptor (CFP/YFP) pair flanks a high-affinity and high-specificity ATP-binding domain
that is composed of a modified epsilon (�) subunit of the Bacillus subtilis F0F1 ATP
synthase (554). Recently, Yaginuma et al. (555) presented a new endogenous ratiomet-
ric fluorescent ATP indicator called “QUEEN” (quantitative evaluator of cellular energy)
as a successor for their ATeam FRET-based ATP biosensor (554). This novel construct is
composed of a single circularly permuted enhanced green fluorescent protein inserted
between two �-helices of a catalytically inactive bacterial F0F1 ATP synthase � subunit,
but it has so far only been used for dynamic measurements in yeast (556).

A third type of ATP sensor actually measures the ATP/ADP ratio and was built by
combining a bacterial regulatory protein (Glnk1) from Methanococcus jannaschii with a
circularly permuted variant of mVenus (557). Under physiological conditions, the sensor
is always saturated and changes in the ATP/ADP ratio can be measured from the
fluorescent signal as both molecules compete for the same binding site but influence
the fluorescent fluctuations in a different manner. Recently, Wilmaerts et al. (524)
utilized this sensor to look at the cellular energy ratio in Escherichia coli on the
population level.

(iv) c-di-GMP, a secondary messenger molecule. Cyclic di-GMP (c-di-GMP) is a
bacterial second messenger synthesized from two GTP molecules by diguanylate
cyclases and degraded through the work of c-di-GMP specific phosphodiesterases
(PDEs). The fine-tuned c-di-GMP balance controls numerous cellular processes such as
virulence, motility, surface adherence, and antibiotic resistance via a direct interaction
with different transcriptional factors, enzymes, adaptor proteins, and riboswitches
(558–561). The tight spatiotemporal and concentration-dependent control of c-di-GMP
during cell division and cell differentiation further underscores the critical need for
corresponding single-cell biosensors to obtain more insight into the complex physio-
logical responses triggered by these small molecules and their respective effectors (266,
562–564).
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In order to monitor this important intracellular molecule, Christen et al. (266)
developed a FRET-based sensor that can visualize c-di-GMP concentrations in single
cells on a relevant timescale and with a wide dynamic range. These researchers found
that a wide dynamic range in the FRET signal could be achieved by using the
Salmonella Typhimurium YcgR, a PilZ domain protein, as a linker between a CFP and
YFP protein pair. Besides direct measurements of individual cellular c-di-GMP dynamics,
this sensor also supported a high-throughput, flow cytometry-assisted screening pro-
cedure in search of chemical molecules modulating the free concentrations of this
signal molecule (266, 565). More recently, the Miller group (564) optimized this bio-
sensor for measurements of c-di-GMP concentrations in single bacteria within host cells
by swapping the original CFP-YFP pair with the brighter teal fluorescent protein (mTFP)
(566) and kusabira orange variant 2 (mKO2) (567) to overcome the high blue-range
background fluorescence of eukaryotic cells (116, 564, 568). Using this approach,
Petersen et al. (564) were able to pinpoint three sensor PDEs that are critical for
maintaining a low c-di-GMP concentration after phagocytosis, thereby promoting the
survival and virulence of the bacterial invaders.

A new type of sensor that is appearing in the field of second messenger molecule
measurements utilizes RNA-aptamers as recognition and reporter modules. RNA-based
biosensors have long been an underdeveloped tool despite the natural appearance of
riboswitches and other similar RNA structures able to selectively recognize small
molecules in vivo (569). These RNA-based aptamers are engineered in such a way that
the structural changes induced by the binding of a specific target molecule enable the
activation of an exogenous fluorogen, eventually leading to a visual output signal (570).
While the first aptamer setups developed by Roger Tsien and coworkers used the toxic
malachite green dye to fluorescently light up the sensor (571), newer aptamer modules
such as Spinach, Broccoli, and Mango solve this problem by using nontoxic spectral and
diverse fluorophores (572–575). Aptamer biosensors can easily be constructed for all
types of intracellular target molecules and have the advantage of being able to work
completely anaerobic (576). However, work is still under way to further improve the first
generations of this new type of biosensor (576–579).

One of the downsides to the above-described aptamer-based sensors is that they do
not allow a ratiometric readout, making the signal prone to concentration variations of
the sensor itself. Apta-FRET (RNA aptamer-based FRET) could overcome these limita-
tions and pave the way to new and better applications of these genetically encoded
apta-biosensors (580). In fact, Jepsen et al. (580) were able to demonstrate that a
Spinach and Mango aptamer module (with modified DFHBI and TO3-biotin as respec-
tive FRET pair fluorophores) engineered onto a single-stranded RNA origami scaffold
could be used to create a dynamic RNA sensor for ratiometric readouts in living E. coli
(580). By incorporating molecular recognition modules in these apta-FRET systems,
conformational changes of the FRET structure (and the concomitant change in signal)
can be used to gauge cellular levels of specific small molecules.

Transcription

Transcription presents the first step in the gene expression cascade and sits at the
heart of bacterial success since it determines how swiftly these single-celled organisms
respond to environmental perturbations. Even before the conception of the central
“DNA over RNA to protein” dogma (581, 582), bacterial transcription and its mechanism
were already subject of ongoing research eventually culminating in the Jacob-Monod
transcription model (583). This model established a framework in which promoters
control gene expression and transcription factors (TFs) fine-tune the accessibility of
these sequences by site-specific binding to sequences or structures in the chromosome.
Later, it became apparent that this model represented a too straightforward order of
transcription leaving out a myriad of other factors that make the process less tidy and
ideal (584).

The process of transcription starts with the recognition of the promoter sequence by
the DNA-dependent RNA polymerase (RNAP) (584). Unlike the situation in eukaryotes,
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where transcription is driven by three different RNAPs, bacteria depend on a single type
of this multisubunit complex (�-subunit, �=-subunit, two �-subunits, and the small
�-subunit) to produce different types of RNA molecules from sites all over the nucleoid
(320, 585). The RNAP core enzyme can autonomously support RNA synthesis but relies
on its association with sigma (�) factors to direct the holoenzyme (i.e., RNAP and �) to
the correct (subset of) promoters and initiate transcription by orchestrating the forma-
tion of an “open complex” at the promoter site (586–590).

Probing sigma factor activity. While the majority of bacterial promoters are con-
trolled by the housekeeping factor, most bacteria have one or more alternative sigma
factors able to rewire the baseline gene expression program to tailor-fit specific
situations (588, 591, 592). Both types of sigma factors compete for the same binding
site on the limited amount of RNAP molecules in the cell and significantly differ in their
action, with the alternative sigma factors producing a much narrower and more
controlled transcriptional profile (591, 593–604).

The activity of sigma factors is determined by a complex interplay of several
mechanisms, such as sequestration by anti-� factors, intersigma competition, � con-
centration, and proteolytic turnover. This makes that transcriptional fusions to specific
promoters provide more valuable information on � action than a direct visualization of
the factor itself (589, 592, 605–610). In essence, this means that sigma factor activity is
best quantified as the rate of fluorescent protein production stemming from a specific
�-controlled promoter, taking into account photobleaching and growth dilution effects
(611–615). It is this instantaneous activity that reflects the rate of (i) free sigma factor
association with the available core RNAP and (ii) initiation of transcription at the
selected promoters (611, 612, 614, 616).

By constructing B. subtilis reporter strains carrying fluorescent protein genes under
the general stress sigma factor (�B), Locke et al. (612) demonstrated that the activation
of this response goes via discrete, stochastic �B pulses and underscored that this
behavior stems from processes such as the interaction of negative (i.e., anti-sigma
factor) and positive-feedback loops (i.e., sigma factor expression). More recently, Park et
al. (613) found that in certain steady-state stress conditions, up to seven of the 17
alternative sigma factors of B. subtilis (592) generate a similar heterogeneous and
pulsatile expression pattern, contrasting the homogeneous activity of the housekeep-
ing �A factor. This seems to suggest that the complex, stochastic �-activity dynamics
that were first seen by Locke et al. (612) might be a more general mode of alternative
sigma factor activation.

Based on these observations, Park et al. (613) further explored whether RNAP
sharing by different sigma factors could be more dynamic in time then assumed.
Generally, it was thought that regulators competing for a limited amount of core
enzymes (as is the case for �-factors) occupy an approximate constant fraction of that
enzyme under steady-state conditions. However, by performing a pairwise analysis of
different combinations of �-factors, Park et al. (613) noticed that sigma factors rarely
pulse simultaneously and are often anticorrelated in their activity. According to their
mathematical framework, this indicates that the different alternative sigma factors take
turns on utilizing the core resource, a concept known as time sharing. In the specific
case of imperfect time-sharing dynamics, as is the case for the �-RNAP interaction,
inputs to the systems could effectively regulate the fraction of time that cells spend in
various sigma factor activation states. Basically, this means that at any given moment
in time only one or a few sigma factors are interacting with the RNAP core.

Single-molecule RNA polymerase localization. With the rise of super-resolution
and single-molecule in vivo imaging methods over the past decade, the cellular
localization and distribution patterns of RNAPs under diverse environmental conditions
have received more attention (298, 299). These advanced microscopy techniques
enable the gathering of high-resolution, quantitative data on the transcription system,
making them well suited to test the extent and the validity of specific mechanistic
hypotheses (299, 310, 313, 320, 325, 617–620).

Since bacteria carry only a single type of RNAP essential for cell viability, it is
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imperative that approaches for direct visualization of this multisubunit complex do not
affect its native functionality or localization pattern. For both B. subtilis (621) and E. coli
(622), it was shown early on that a C-terminal GFP fusion to the �=-subunit (rpoC) did
not disrupt the normal growth pattern of the bacteria and allowed investigators to
determine RNAP localization in both fixed (622) and nonfixed cells (621). It was quickly
appreciated that the behavior of the RNAP in the cytoplasm was extremely sensitive to
changing growth conditions with large rearrangements in RNAP distributions in re-
sponse to environmental fluctuations. As long as growth conditions remain poor,
polymerase molecules distribute fairly homogenously over the nucleoid, whereas under
nutrient-rich growth conditions, “RNAP foci” or transcription factories emerge in a
typical dual-lobed spatial pattern coarsely mimicking the DNA outlines (Fig. 5A and B)
(310, 313, 619, 621–625). Since the majority of cellular RNAP is dedicated to rRNA
synthesis in such fast-growing cells (626, 627), it was long assumed that these foci
consist of hundreds of RNAP molecules actively performing rRNA transcription in fast
growing cells (622, 623, 628, 629).

Despite the efforts of many groups looking into the characteristics and spatial
distribution of these RNAP clusters (310, 313, 619, 623, 624), the precise nature of these
factories, how they are formed, and their relation to rRNA transcription long remained
elusive. To investigate these active transcription centers in more detail, Weng et al.
(325) recently combined a photoactivatable rpoC-PAmCherry fusion (313, 320, 619) with
quantitative super-resolution imaging and perturbation analyses. Since RNAP clusters
have been previously linked to sites of rRNA transcription without direct evidence (629),
Weng et al. (325) first looked at the degree of colocalization of the transcription
factories with nascent or newly synthesized rRNAs in a two-color super-resolution
experiment (Fig. 5C). To specifically probe these locations of rRNA transcription activity,
Weng et al. (325) targeted the 5= leader sequence of the 16S precursor rRNA with FISH
probes because this region is lost before the incorporation of mature rRNA into the
ribosome (630). Since RNAP clusters nearly exclusively colocalize with the rRNA tran-
scriptional activity, it was suggested that the majority of the RNAP foci are indeed active
in rRNA synthesis/transcription under rich growth conditions. However, the main
drivers for the formation of these transcription factories still remain elusive, but it is
believed that still cryptic characteristics of the nucleoid could play a significant role in
their organization (325).

Transcription factors. Transcription factors play a pivotal role in redirecting gene
expression in response to specific triggers and can either activate or repress transcrip-
tion, depending on the relative location of their binding site with respect to promoter
elements (631). Each TF regulates a set of genes and is evolved to promptly locate its
specific binding sites among millions of nonspecific sites on the nucleoid (632, 633).
Traditionally, studying these in vivo search kinetics was rather difficult since it could
only happen indirectly via monitoring of the regulated gene products, either on the
population (634) or the single-cell (13, 477, 635–638) level. Again, the rise of nanoscopy
imaging enabled direct and quantitative observations of the target search process of
DNA-binding factors such as TFs and RNAP (299, 320–322, 324, 330, 618, 639).

The lac operon is a well-established and thoroughly understood transcription factor
system wherein the LacI repressor binds to different operator sites (O1, O2, and O3) and
represses transcription in the absence of its (allo)lactose inducer (640). Over the years,
this system has provided the basis for research into TF-mediated dynamics (633,
641–644). As for many DNA-binding proteins, the time needed for LacI to find its
cognate binding partners, the lac operator sites, turns out to be many times lower than
expected if the process was solely driven by three-dimensional diffusion (645). This led
to the hypothesis that these observations could be explained by facilitated diffusion, a
mechanism where the DNA-binding factor searches for its docking sites through a
combination of one-dimensional (1D) sliding along short DNA segments and three-
dimensional (3D) diffusion throughout the cytoplasm (632, 646, 647).

The search of LacI for its operator (a 21-bp region) among the millions of base pairs
of nonspecific chromosomal DNA in E. coli has been extensively studied (633, 642–645,
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648). However, most of this work has focused on in vitro biochemistry and single-
molecule studies that tend to ignore much of the in vivo context such as salt concen-
trations and DNA deformations (643–645, 647). Elf et al. (322) were the first to visualize
and quantify the kinetics of this target search process in real-time by applying high
laser excitation intensities and stroboscopic illuminations to image single LacI-Venus
molecules in the E. coli cytoplasm. It turned out that in search of the operator, LacI

FIG 5 Super-resolution microscopy and single-molecule tracking as tools to unravel the intracellular organization of bacterial transcription. (A) Under
nutrient-rich conditions, RNAP is clustered in foci or transcription factories throughout the cell, while under nutrient-poor conditions, the RNAP molecules
remain fairly homogenously distributed over the nucleoid (Photos are reproduced from reference 619 with permission of the Biophysical Society.) Scale bar,
0.5 �m. Each image square is built out of a conventional fluorescence (top left image), brightfield image (top right image), and a PALM super-resolution image
(large bottom image). (B) In rich medium conditions, these RNAP foci form a typical dual-lobed spatial pattern that coarsely mimics the DNA outlines. The left
image shows the localization pattern of all individual RNAP molecules in three representative living E. coli cells grown under nutrient-rich medium conditions
(blue, low abundance; red, high abundance). The right image shows a two-dimensional, normalized histogram of the RNAP localizations in 664 cells under rich
medium growth conditions (Adapted from reference 325 with permission of the National Academy of Sciences, U.S.A.). Scale bar, 0.5 �m. The color bar indicates
the number of localization events in each bin; the bin size of the 2D histogram is 100 � 100 nm. (C) RNAP foci almost exclusively colocalize with rRNA
transcriptional activity (i.e., with nascent pre-rRNA clusters) in nutrient-rich conditions. (Left) A FISH probe is specifically targeted to the 5= leader sequence of
16S pre-rRNA, a region that is lost before mature rRNA is incorporated into the ribosomes. (Right) Representative super-resolution images of two cells with, from
left to right, the localization pattern of pre-rRNA, the localization pattern for RNAP molecules, and the combined two-color super-resolution image (red,
RNAP-PAmCherry; green, pre-rRNA FISH) (Adapted from reference 325 with permission of the National Academy of Sciences, U.S.A.). Scale bar, 0.5 �m. (D)
Schematic representation of “tracking PALM” as a method to study intracellular mobility of proteins such as RNAP and transcription factors at native (and higher)
copy numbers. The protein factor of interest is labeled with a photoactivatable fluorescent probe to allow activation of single molecules in each activation
round. The activated, fluorescently labeled target is subsequently tracked as a single particle until it eventually bleaches. For this cycle of activation, tracking
and bleaching can be continued until all photoactivatable probes are bleached, giving rise to a collection of individual tracks. Original figure indexations and
scale bars were either removed or masked without altering the content of the images. New indexations and scales were added to provide consistency
throughout the figure.
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spends the majority of its time (�90%) nonspecifically bound to the DNA and diffuses
along the strands with residence times of �5 ms. Later, Hammar et al. (324) suggested
that the quick 1D sliding search kinetics on nonspecific sequences might be a tradeoff
with a fast binding of the TF at the specific target site.

All of these earlier experiments looked at the behavior of LacI in strains with an
artificially low copy number of the protein to ensure clear (single-molecule) visualiza-
tion (322, 324, 473, 649, 650), thereby possibly influencing the native behavior of this
protein (321). Recently, Garza de Leon et al. (321) investigated “tracking PALM” (Fig. 5D)
as a method (251, 306, 319, 651, 652) to study the intracellular mobility and spatial
distribution of TFs under their native (and higher) copy numbers. In their study,
LacI-PAmCherry was stochastically photoactivated in vivo in such a way that individual
molecules lighted up in each activation round, preparing them to be tracked as single
particles until they eventually photobleached. This strategy alleviates copy number
limitations and paves the way for high-resolution imaging over a very broad copy
number range (10 to 10,000 molecules per cell) (321). Since the majority of the TFs in
E. coli reside in the low- to medium-copy-number range (1 to 100 monomers per cell)
(653), PALM presents itself as one of the best methods to study in vivo functionality of
these regulators due to its sensitive and quantitative nature (321). More specifically,
Garza de Leon et al. (321) focused on the different types of DNA-binding interactions
that LacI and other TFs can display: specific, near specific, and nonspecific. In the
absence of its inducer, LacI binds to its three operator sites with high specificity.
However, it can also interact with multiple other sites on the genome that are closely
related to the cognate operator site sequence (i.e., near specific). On the contrary, in the
presence of lactose, these two DNA interaction modes are overthrown, leaving only
room for nonspecific interaction with the nucleoid. To dissect these three modes and
determine their relative abundance, Garza de Leon et al. (321) monitored native and
truncated photoactivatable LacI molecules under different inducing conditions and in
different genetic backgrounds to create an array of systems in which each mode is
easily discernible. For example, by examining a strain devoid of all lac operator sites, the
near-specific mode can easily be investigated without interference of the two other
possible interaction profiles. The specific decrease of bound LacI (ca. 30 to 35%) that is
seen in this strain upon induction provides a means to directly probe the near-specific
interactions of this TF.

Divisome

Bacterial proliferation is critically dependent on the ability of a mother cell to divide
into two (most often identical) daughter cells using a large and dynamic macromolec-
ular cytokinesis machine called the divisome (654). This heavy-duty machinery is
essential under almost all conditions and has a complex architecture consisting of more
than 30 protein building blocks located in either the cytoplasm or the cytoplasmic
membrane (655–660). Although around one-third of this ring-like, cell-centered struc-
ture is essential for cell envelope invagination and cytokinesis to proceed, many of the
building blocks display some redundancy.

Since the initial finding of cell division genes in thermosensitive mutants (fts,
filamentous temperature sensitive) of E. coli, interest was raised in their structural
engineering and three-dimensional architecture (654, 661, 662). Classical approaches
did not allow early studies to unravel the workings of this membrane-located complex,
since its size and highly dynamic nature made it extremely difficult to purify the
structure as a whole (654). The first structural understanding stemmed from immuno-
gold labeling experiments (663), setting the stage for new methods based on fluores-
cence microscopy to directly visualize the divisome’s structural proteins in intact cells
(Fig. 6). The current view on the bacterial cytokinesis machinery and its dynamics
mainly comes from high-resolution imaging in E. coli and B. subtilis, fine-tuning earlier
“divisome paradigms” partially based on artifact-prone techniques (303, 312, 662,
664–669).
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The prokaryotic tubulin homolog FtsZ forms the central component of the bacterial
divisome and assembles in a circumferential ring-like structure at the midcell, where it
recruits dozens of other proteins, ultimately triggering cytokinesis. This main structural
element of the cell division machinery was the first component of the divisome to be
visualized (albeit nonfluorescently) and led to a breakthrough by showing a clear
division site localization pattern forming what is now known as the Z ring at the septum
(663). Soon thereafter, Richard Losick’s lab refined immunofluorescence microscopy
(IFM) for use in bacteria (4, 8), leading to a series of papers from different research
groups using IFM in fixed cells to confirm the localization of FtsZ and for the first time
demonstrating that other known products of fts genes, provided the presence of FtsZ,
also localize to the division site (670–676). These direct visualization experiments
uncovered the first glimpse of the recruitment dependency and temporal hierarchy of
the divisome that would later be uncovered. Around the same time, the first FtsZ-GFP

FIG 6 High-resolution imaging drives the untangling of the bacterial divisome architecture: examples of FtsZ
visualization through time. Much of the current understanding on the bacterial cytokinesis machinery stems from
visual experiments with high-resolution imaging, fine-tuning older “divisome paradigms” that were partially based
on artifact-prone techniques. In this figure, we give an overview of how FtsZ visualization improved in the past 3
decades, leading to a better understanding of Z ring formation and localization. (A) Immunogold labeling
experiments gave the first structural insight into FtsZ midcell localization during cytokinesis, a structure now known
as the Z ring. (Adapted from reference 663 by permission from Springer Nature.) (B) FtsZ localization in fixed cells
of different fts mutants (i, ftsA mutant; ii, ftsQ mutant) visualized with immunofluorescence microscopy. (Photos
reproduced from reference 671 with permission.) (C) First use of GFP for labeling FtsZ in living cells. The left panel
shows the formation of Z rings at septation sites in a filamentous cell. The top right panel shows a wide-field
fluorescence image that was processed with a deconvolution algorithm, displaying apparent helical structures in
a growing E. coli cell. In the bottom right image, the FtsZ ring localizes to the internucleoid space. Left to right in
this panel: DAPI (nucleoid), GFP (FtsZ), and combined image. (Photos reproduced from reference 9 with permission
of the National Academy of Sciences, U.S.A.). Scale bar, 1 �m. (D) FRAP time series indicating the bleached area
(white arrow) and the recovery of FtsZ (time-stamp) after photobleaching. (Adapted from reference 634 with
permission.) The rise of more technically advanced studies enabled a better understanding of the assembly
dynamics of the FtsZ ring. (E) Conventional fluorescence microscopy supported a model for a smooth-cable like
appearance of FtsZ helical filaments in growing cells. In the top row, a cell with a FtsZ helix is shown, while the
bottom row displays a cell with a Z ring and FtsZ helix. Both rows are composed of the original image (i), an image
processed with a 3D deconvolution algorithm (ii), and a schematic representation of the interpreted FtsZ location
in the cell (iii) (Adapted from reference 639 with permission of John Wiley and Sons.) Scale bar, 1 �m. (F) With
super-resolution microscopy and its increased resolution, it can be seen that helical Z filaments are in fact highly
irregular and discontinuous. Panel i is a confocal image, and panel ii is the concomitant STED super-resolution
image (Photos reproduced from reference 665 with permission of Elsevier.) Scale bar, 1 �m. Likewise, the Z
structure at the midcell was shown to consist predominantly of patches and incomplete, discontinuous rings, as
shown in panel G. (G, i to iv) Distribution of FtsZ molecules in the Z ring, as imaged with 3D-SIM. Arrows point
toward small gaps in the fluorescence intensity profile indicative of lower abundance of FtsZ at those locations.
(Adapted from reference 303, published under the terms of the Creative Commons Attribution License.) (H) PALM
images of FtsZ localization during cell division with images in the x-y dimension (i and ii), the corresponding 2D
cross-section image of the region indicated with the arrow (i.a and ii.a), and the three-dimensional volume
reconstruction (ii.a and ii.b). (Photos reproduced from reference 668 with permission of the National Academy of
Sciences, U.S.A.) Scale bar, 0.5 �m. Original figure indexations and scale bars were either removed or masked
without altering the content of the images. New indexations and scales were added to provide consistency
throughout the figure.
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fusions were engineered and, using advanced image processing, the first in vivo
three-dimensional view of the Z ring was obtained (9). Other divisome proteins, such as
ZapA and ZipA in E. coli or EzrA in B. subtilis, that directly bind to FtsZ were later on also
used to indirectly label the structure with fluorescence and minimize perturbations or
artifacts (135, 136, 138). The use of IFM and fluorescent protein tags (and ideally both)
thus for the first time allowed obtaining a low-resolution, operational structure of the
divisome in several prokaryotic model organisms and enabled the visualization of
similar structures in other bacterial species. Furthermore, this benefit of direct fluores-
cent localization in the cell was crucial in the further search for Z ring binding proteins
and the confirmation of binary protein-protein interactions, since many of these
proteins have highly dynamic interaction patterns or subtle deletion phenotypes that
tend to obscure straightforward detection of their involvement (677–683).

With the advent of more advanced microscopy techniques, a more accurate closeup
of the divisome on the spatial and temporal level could be achieved (Fig. 6D to H). One
of the first more technically advanced studies focused on the dynamics of the Z ring
structure and used Fluorescence Recovery After Photobleaching (FRAP) (see “Fluores-
cence recovery after photobleaching”) to demonstrate a monomer turnover rate in the
ring structure of �9 s (684). These researchers monitored the time it took for a section
of the Z ring to regain its fluorescence after being permanently bleached via high-
intensity laser light. The high turnover rate seen in these experiments underscored the
rapid interchange between FtsZ-GFP proteins bound to the divisome and those ob-
served elsewhere in the cell (684). Although FtsZ forms a clear distinct ring at the
midcell, at least half of the cellular FtsZ is located out of the ring structure itself (256),
where it oscillates to the Min system metronome together with other divisome com-
ponents (685–687).

With the advent of new (mostly super-resolution) microscopy methods, it became
feasible to uncover some of the nanometer-sized architectural gems of this complex
without being hampered by crude and insensitive methods, as in electron microscopy
(660, 688). The first super-resolution approach to get more insights in the fine structure
of the divisome, relied on IFM in combination with Stimulated Emission Depletion
(STED) microscopy (665) (see “Super-resolution microscopy”). In this study, Jennings et
al. (665) took advantage of the power of nanoscopy to resolve the structure of the
dynamical FtsZ helices that can be seen in B. subtilis throughout the cell cycle and that
culminate into a ring-like assembly of the protein in the divisome. In contrast to the
smooth cable-like appearance that was described earlier for these polymeric FtsZ sinks
(689), STED resolved the helices as being highly irregular and discontinuous (665).
Furthermore, this study, together with two contemporaneous super-resolution studies
using the faster three-dimensional structured illumination microscopy (3D-SIM), under-
scored that FtsZ does not form a continuous ring at the septum but rather localizes at
the midcell as dynamic, discontinuous patches (303, 667).

All of this was further supported by techniques such as PALM and STORM at even
higher resolution (664, 668, 690). Taking together the wealth of new super-
resolution information on the FtsZ ultrastructure, the current model of the divisome
is a patchy ring or toroid structure that contains at least three concentric rings
composed of different sets of proteins (654, 691). These observations thus suggest
that this complex machinery has spatially separated modules that are clustered in
concentric rings, and it is hypothesized that all rings have a different functionality:
a peptidoglycan synthesizing-ring (outer layer), a proto-ring providing the force for
constriction (middle layer), and a ring taking up a regulatory role (inner layer).

Two other landmark studies recently showed that the ring scaffold serves as a
treadmilling platform for the septal peptidoglycan synthesis machinery, in contrast to
the popular belief that constriction of the FtsZ septum itself serves as a force-
generating mechanism driving cytokinesis (14, 692). These two elegant studies are
excellent examples of how the combination of diverse, state-of-the-art experimental
setups can help to gain a profound understanding of a fundamental aspect of bacterial
cell biology. Even more recently, Söderström et al. (318) used (time-gated) Stimulated
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Emission Depletion [(g)STED] nanoscopy to study the behavior of FtsZ-mNeonGreen
clusters in geometrically sculpted E. coli cells and concluded that membrane geometry
is not a decisive factor for FtsZ clustering characteristics.

Outer Shell

The bacterial cell envelope provides the necessary compartmentalization to allow
bacterial life, enclosing nucleic acids and other necessities of life to prevent them from
leaking away to the external environment. This bacterial cell envelope comprises
multiple layers that all serve to protect the bacterium from the hostile environments
they live in and form the major targets of antibacterial strategies (693). While many
efforts were made over the past decades to reveal the dynamic architecture of
structures inside the bacterial cell, less is still understood on the spatiotemporal
dynamics of the external layers. In part, this can be explained by the difficulties GFP
experiences in these cellular spaces (694, 695) (see “Periplasmic space”), however,
several new techniques and strategies have eased the work in the past decade and are
fostering enormous progress in understanding the cell envelope.

Inner membrane. The cytoplasmic space of both Gram-negative and -positive
bacteria is delimited by a symmetrical phospholipid bilayer filled with various (trans-
)membrane and lipid-anchored proteins. Visualizing this inner membrane or its asso-
ciated features can be achieved via two routes, in which a first one capitalizes on these
floating proteins to light up the lipid sea (696–698), while the second route exploits the
unique chemical composition of this bilayer to enable specific chemical dye labeling
(698–703).

When using (specific parts of) inner membrane proteins to visualize the cytoplasmic
membrane, it is important to bear in mind that some fluorescent tags are restricted to
the cytoplasm for reliable signal generation. This is especially the case for (auto)fluo-
rescent proteins, as most GFP derivatives (in contrast to proteins from the Anthozoa
family) lose their fluorescence when exported to the periplasm (695, 704) (see “Periplas-
mic space” below). In essence, this implies that for labeling proteins or protein
fragments on the cytoplasmic side of the membrane basically all different fluorescent
proteins can be translationally fused, whereas protein fusions attached to the inner
membrane from the periplasmic side require a more thoughtful labeling strategy (185,
695, 705). An example of such a protein-based inner membrane labeling can be found
in the study of Lewenza et al. (696), who exploited a fluorescent chimera build up out
of the anthozoan RFP and an Enterobacteriaceae membrane targeting signal. To verify
the targetting of the FP to the cytoplasmic membrane in E. coli by the canonical, inner
membrane signal, the authors relied on the formation of so-called plasmolysis bays that
are only visible when the fluorescent signal is located in the inner membrane. The
formation of these structures can be induced by hyperosmotic shock, leading to the
retraction of the membrane from its close interaction with the peptidoglycan outer
membrane layer and the formation of bay-like inlets (706).

Cardiolipin is a glycerophospholipid that closely interacts with various important
proteins and preferentially localizes in the inner membrane, where it forms microdo-
mains at the septa and poles (699, 707–710). The uniqueness of its composition allows
visualization based on specific chemical dye components and thus exemplifies the
second route for inner membrane structure labeling. In one method for visually
tracking the location and reorganization of these cardiolipin rafts, the bacterial mem-
brane was enriched with Topfluor-cardiolipin (TF-LP), a fluorescent analogue of cardi-
olipin that needs to be externally added to the cell environment in order to become
incorporated in the membrane of the target bacterium (703, 711, 712). A less disturbing
way to visualize the same phenomena applies 10-N-nonyl acridine orange (NAO) to
label native cardiolipin in a variety of species (699, 700, 713, 714). This positively
charged NAO dye preferentially binds anionic phospholipids in membranes and shifts
its emission to the red side of the spectrum upon interaction with cardiolipin (715–719).
Although NAO is based on the DNA-binding dye acridine orange, the replacement of
one of the functional groups in the original structure with a N-nonyl group increased
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its hydrophobicity, thereby impairing the nucleic acid preference of the molecule (716).
More recently, however, some questions have been raised regarding the cardiolipin
specificity of NAO, pointing out that the characteristic red-shifted fluorescence is not
specific for cardiolipin interaction but rather promiscuous for interactions with anionic
phospholipids in general (720, 721). This possible artifact further underscores the need
for different imaging approaches using mechanistically independent routes to visualize
the same structure.

Since membrane viscosity is a determining factor for the diffusion of small mole-
cules and proteins in and across the plasma membrane, it also affects the speed of
intracellular reactions. Because a direct measurement of this feature in living cells could
shed light on the instantaneous membrane responses of bacteria in changing situa-
tions, a new technical setup combining Fluorescence Lifetime Imaging Microscopy
(FLIM) and molecular rotor probes (e.g., BODIPY C10, BODIPY FL C12) was developed
(701, 702, 722, 723). The fluorescence emission of this novel type of small synthetic
molecule changes depending on its molecular surroundings and stems from the unique
way these molecular rotors can lose the energy of an absorbed excitation photon: (i)
either via radiative decay with emission of a fluorescent photon or (ii) via nonradiative
decay using intramolecular rotations. Since the latter type of decay is directly affected
by the environment in which the molecular rotor resides (and both decay types are in
constant competition), the fluorescent properties (quantum yield and fluorescence
lifetime) of the molecular rotor change with viscosity (724). Looking at the fluorescence
lifetimes of these probes therefore provides a concentration-independent manner to
obtain a quantitative measurement of the viscosity with micrometer resolution. With
this method, Mika et al. (701) demonstrated that within isogenic E. coli populations a
large intercellular heterogeneity in viscosity can be seen, possibly reflecting cell-to-cell
variation in lipid composition. The same technical setup was already used earlier to
study the fluctuations in the inner membrane viscosity of Bacillus endospores showing
that the high viscosity seen in the spore state decreases throughout the germination
process (722) and in response to ethanol treatment (702). Similar and other methods
have also been developed to look at membrane and protein mobility in the membrane
without the use of molecular rotors (723, 725, 726).

Periplasmic space. In Gram-negative bacteria the cell envelope is equipped with a
third, delimited structure that is lined by two lipid bilayer membranes separating it from
both the intra- and extracellular environment. This periplasmic space contains a densely
packed gel-like matrix and constitutes an oxidizing reaction environment for many
important processes involved in cell division, environmental sensing, and cellular
transport (704). Following their translation in the reduced inner core of the bacterium,
proteins targeted to the periplasmic space first need to cross the inner membrane, a
transport that mainly proceeds via the general secretory (Sec) pathway. This translo-
cation machinery catalyzes the transfer of unfolded and loosely folded proteins tagged
with a signal sequence to the periplasm, where they will eventually fold into the proper
conformation (727). Proteins that do require full cytoplasmic folding are transported by
a second translocation apparatus, the twin-arginine (Tat) machinery, that helps folded
cytoplasmic proteins to cross the inner membrane dismissing the need for periplasmic
protein folding (728).

Early attempts to visualize Sec-translocated proteins via translational GFP fusions
were unsuccessful (694) since the folding and formation of active GFP molecules is
inhibited under the oxidizing conditions of the periplasm (694, 729–731). Because GFP’s
native environment is the reducing cytoplasm, its tertiary structure is independent of
possible disulfide bonds that can be formed by its two cysteine residues (Cys48 and
Cys70). However, as unfolded GFP molecules get secreted via Sec to the periplasmic
space, promiscuous interchain-disulfide bridges can form with other proteins or GFP
folding intermediates, thereby hampering chromophore maturation and trapping the
FPs in a nonfluorescent state (61, 704, 732). Using the Tat translocation pathway, these
specific problems can be avoided since mature and fully folded GFP molecules trans-
ferred into the oxidizing periplasm remain active (733). Nevertheless, this method
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presents some challenges as well and does not support fluorescent fusion approaches
to track the translocation of the majority of periplasmic proteins under native condi-
tions (695, 733–735).

Anthozoa-derived fluorescent proteins (e.g., mRFP1, mCherry, and mScarlet) present
a first possible solution to the challenges encountered during in vivo studies of
periplasmic proteins. Although the tertiary structure of this fluorescent protein family
is highly similar to the �-barrel of Aequorea FPs, the absence of cysteines in their
primary sequence allows for the transportation of unfolded Anthozoa proteins via the
Sec pathway without suffering from folding and chromophore maturation errors (695,
704, 705). Furthermore, the green/yellow mNeonGreen derived from the marine inver-
tebrate Branchiostoma lanceolatum (109) was also reported to properly fold and mature
outside the cytoplasm despite the presence of a single cysteine residue in its amino
acid sequence (736). Over the years, different solutions have been developed enabling
the use of GFP-derivates for periplasmic tagging via the general secretory pathway.
Superfolder Aequorea FPs are characterized by high folding kinetics introduced via
directed evolution [see “(Auto)fluorescent proteins”]. Two of these specific superfolder
mutations (S30R and Y39N) are found ahead of the cysteine residues in the amino acid
sequence and consequently are translocated earlier than these reactive residues. These
mutations influence the folding of the first three �-strands during the membrane
transfer, allowing the autocatalytic formation of an intact chromophore in the bacterial
periplasmic space (80, 730, 731, 737). More recently, Meiresonne et al. (705) constructed
a novel superfolder GFP-derivative that can be pumped into the periplasm at high
concentration without any toxicity. Besides its improved folding capabilities, super-
folder Turquoise2ox (sfTq2ox) is characterized by the replacement of the native cys-
teines that would otherwise possibly form promiscuous disulfide bonds. Similarly, El
Khatib et al. (738) developed two reversibly switchable fluorescent proteins that
properly fold and photoswitch in the bacterial periplasm, enabling several nanoscopy
approaches to be amendable to the bacterial periplasm. The development of these new
probes addresses the issue of the limited FP toolbox that is currently available to do
multiplex and FRET imaging in this compartment (705, 736, 739).

Alternatively, other visualization strategies can be adopted to circumvent possible
problems in the periplasmic space. For example, it was already shown that the
self-labeling HaloTag can be a valuable option for the visualization of periplasmic
proteins in Gram-negative bacteria (185). The ligands that need to be added exoge-
nously to light up this hybrid probe are sufficiently small to enter the periplasm of living
bacterial cells and support fluorescence even under the oxidizing conditions in the
periplasm.

Peptidoglycan. The peptidoglycan (PG) macromolecule forms an elastic net-like
structure around the bacterial protoplast, shaping the cell and providing mechanic
protection against the high internal turgor pressures. This load-bearing element con-
sists of long glycan chains built up out of alternating �-1,4-linked N-acetylglucosamine
(GlcNAc) and N-acetylmuramic acid (MurNAc) monosaccharides, interlinked via short
peptide stems (four or five amino acids) on the carboxyl group of the MurNAc subunit
(740, 741). These peptide cross bridges that contain both L- and D-amino acids, carry
most of the interspecies variation, whereas the rest of the overall composition is fairly
similar between different bacteria. Following the production of the GlcNAc-MurNAc-
pentapeptide precursors in the cytoplasmic space, these molecules are converted into
lipid-linked intermediates at the cytoplasmic membrane and transported into the
periplasm, where they are subsequently incorporated into the existing PG framework
(740, 741). This precursor incorporation is accompanied by the formation of peptide
cross bridges between the different glycan strands taking advantage of the dibasic
amino acid (e.g., meso-diaminopimelic acid [meso-DAP] or L-lysine) at the terminus of
the pentapeptide side chains.

Early work on peptidoglycan visualization focused on the location of PG synthesis
and turnover by combining radioactively labeled PG precursors and electron micros-
copy with thin sectioning. However, this approach is unable to provide enough spatial
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resolution to determine the pattern of incorporation and often requires a significant
amount of sample processing (742–746). The arrival of fluorescence microscopy and
more advanced fluorescent labeling strategies provided the necessary spatiotemporal
resolution to monitor the incorporation of PG building blocks (46, 747–749) and study
the spatial dynamics of PG synthesis enzymes in living cells (178, 750, 751).

Fluorescently labeled wheat germ agglutinin (flWGA) was originally developed
as an alternative for the Gram-staining procedure (752) but has shown promise as
a visualization tool to light up the peptidoglycan sacculus. This lectin protein takes
advantage of its ability to specifically bind all the N-acetylglucosamine (GlcNAc)
subunits in the entire peptidoglycan meshwork (Fig. 7, box 1). Misra et al. (753) were
the first to utilize such a probe (labeled with Alexa Fluor 488) in a live-cell setup
with the Gram-positive B. subtilis bacterium to measure the global strain on the cell
wall during the exposure to an osmotic shock. Unexpectedly, the same strategy can
be implemented to label the peptidoglycan in living Gram-negative bacteria even
though the layer is shielded by an intact outer membrane (176).

More often, researchers are interested in visualizing the sites of nascent PG synthesis
rather than lining the entire peptidoglycan meshwork. This can be achieved by using
a variety of probes that directly bind to the newly incorporated structures (754, 755) or

FIG 7 Labeling the peptidoglycan. Schematic representation of the different described approaches for in vivo labeling of the
peptidoglycan layer based on the E. coli PG build-up. The peptidoglycan layer of bacteria consists of alternating �-1,4-linked
N-acetylglucosamine (GlcNAc; light brown hexagon) and N-acetylmuramic acid (MurNAc; dark brown hexagon) monosaccharides,
interlinked via short peptide stems (four or five amino acids; colored circles) on the carboxyl group of the MurNAc subunit. The
precursors of these cross-links are pentapeptide chains containing both L- and D- amino acids accompanied by a single dibasic amino
acid, here represented by meso-diaminopimelic acid (meso-DAP; light yellow circle). In the cytoplasm, GlcNAc-MurNAc-pentapeptide
precursors are converted into lipid-linked intermediates and transported over the membrane into the extracytoplasmic space, where
they are incorporated in the existing meshwork. (Box 1) Wheat germ agglutinin (WGA) binds specifically to all GlcNAc residues in the
peptidoglycan framework and enables highlighting the entire PG sacculus. (Box 2) The use of fluorescently labeled antibiotics such
as vancomycin or ramoplanin can support visualization of nascent PG in living cells. Vancomycin detects the terminal D-Ala-D-Ala (light
blue circles) residues found on lipid-linked PG precursors and recently inserted, uncrosslinked subunits at the growing end of a glycan
strand (green line). Ramoplanin, on the other hand, binds to the reducing ends of the growing glycan chains found at the initiation
sites of PG synthesis and on lipid II carriers (red line). (Box 3) Fluorescent D-amino acids (FDAA) can be integrated into the bacterial
cell wall via a periplasmic remodeling reaction on free pentapeptides in the existing PG promoted by D,D- and L,D-transpeptidases. (Box
4) PG cross-linking event are specifically visualized by using fluorescent stem peptide mimics (FSPM) that imitate the natural substrate
in the transpeptidation reaction and install fluorophores instead of cross-links in the PG framework. (Box 5) PG sacculus labeling can
also be achieved via the metabolic incorporation of modifiable MurNac carbohydrate subunits into the core structure, followed by
fluorescent labeling via click chemistry.
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get incorporated themselves (46, 747, 748). The Errington group introduced the use of
fluorescently labeled antibiotics to highlight the sites of PG growth in living cells and
applied fluorescent vancomycin to detect terminal D-Ala-D-Ala residues found on
lipid-linked PG precursors and recently inserted subunits at the growing end of a glycan
strand before cross-link (Fig. 7, box 2) (754). Since this terminal dipeptide is no longer
present in the older PG structures of most species (756), this fluorescent antibiotic only
labels nascent PG synthesis sites. Tiyanont et al. (755) developed a second fluorescently
labeled antibiotic, ramoplanin, that in contrast to vancomycin does not label the
incorporating intermediates but rather binds to the reducing ends of the growing
glycan chains found at the initiation sites of PG synthesis and on lipid II carriers (757,
758). Both of the above antibiotics can be used in Gram-positive bacteria without
fixation and permeabilization but tend to interfere with the continuation of PG syn-
thesis making them unsuitable for live follow-up.

In 2012, Brun and coworkers (46) revolutionized the field of PG labeling by intro-
ducing a novel group of fluorescent D-amino acids conjugates that can be integrated
into the peptidoglycan and supports the real-time tracking of PG synthesis and
modification in different bacteria (14, 692, 754, 755, 759–771). This fluorescent D-amino
acid (FDAA) strategy offers significant advantages in terms of speed and sensitivity over
other approaches and is not limited by toxic effects or poor membrane permeability of
the probes. The rationale behind this technique is based on the premise that most
bacteria by nature are able to incorporate noncanonical D-amino acids (NCDAAs) into
their cell walls. This incorporation proceeds via periplasmic remodeling of the existing
PG by the activity of D,D-transpeptidases (and L,D-transpeptidases if present) and not via
the incorporation of FDAAs into PG precursors in the cytoplasm (46, 772–776). Exploit-
ing the ability of bacteria to use these FDAAs, Kuru et al. (46) showed that these
fluorescent molecules can be stably incorporated into the peptide stem during PG
synthesis because of their D-amino acid (DAA) backbone (Fig. 7, box 3). Since these
FDAAs will only be incorporated into a small fraction of the PG (ca. 0.2 to 2.8%) and are
unable to become integrated into any protein structure, possible toxicity, high back-
ground signals, and aspecific labeling are avoided (46). The addition of FDAAs to
growing cultures of different species allows for rapid PG labeling in the entire popu-
lation without affecting the growth rate and easily enables pulse-chase setups (46, 766).
Whereas the first studies on peptidoglycan biosynthesis suggested a helical incorpo-
ration pattern for the new building blocks (754, 755), newer reports with FDAAs find
incorporation activity to be highly punctuated along the cell (14, 46, 176, 692). Very
recently, Hsu et al. (749) have expanded this technique with new probes, so-called
rotor-fluogenic D-amino acids (RfDAAs). The emission intensity of these probes is
influenced by the molecular environment (777), enabling to follow transpeptidation
activity and glycan cross-linking in real-time. Moreover, these RfDAAs provide a higher
temporal resolution than FDAAs without the need for sequential labeling steps and
remove the need for vigorous washing steps between labeling and imaging (749, 766,
778).

Despite the numerous advantages inherently linked to the FDAA method, it is not
always best practice. In their study to map the relation between MreB and cell wall
growth, Ursell et al. (176) compared FDAA and WGA labeling in the same experimental
setup. The low labeling density and the short fluorescent lifetimes of the FDAA probes
make the system poorly suitable for tracking PG growth at short length scales and
across generational time scales. Instead, they used fluorescently labeled WGA (bound
to, for example, Alexa Fluor 488) to cover the entire cell surface homogeneously with
high affinity, keeping the long-living probes locally stationed. Here, the fluorescent
markers attach to the cell’s peptidoglycan during the initial incubation step, followed
by subsequent insertion of new dark (unlabeled) material at nascent PG synthesis sites,
showing the true punctuated incorporation pattern of the process (176, 779). Since the
chemical reaction that incorporates FDAAs in the pentapeptide stem is a D-amino acid
exchange reaction mediated by transpeptidases (775, 776), the approach is nearly ideal
for examining the sites of nascent PG synthesis but might fail in visualizing and
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quantifying true cross-linking events in vivo. Therefore, Gautam et al. (747) developed
a set of fluorescent probes that mimic the natural substrate of transpeptidases (i.e., the
pentapeptide stem) and install fluorophores instead of cross-links in the PG, making the
transpeptidation process truly quantifiable (Fig. 7, box 4).

Labeling the murein sacculus can also be achieved via the glycan carbohydrate core
of the PG polymer (Fig. 7, box 5). Liang et al. (748) developed modifiable MurNAc
derivatives that can be incorporated in the cell wall of bacteria by exploiting the
metabolic cell wall recycling and biosynthetic machineries. These modifiable residues
can be fluorescently visualized via click chemistry and support super-resolution ap-
proaches since the labeling of the MurNac residues rather than the pentapeptide
cross-links increases the lifetime of the probe and allows for long-term monitoring.

A different way to identify the places where PG is synthesized is to look at the
localization of the main PG-synthesizing enzymes (i.e., the penicillin-binding proteins
[PBPs]), a suite of proteins that often display extensive redundancy. This can be done
via immunofluorescence labeling of fixed cells (674, 675, 780–782) or translational FP
fusions to specific protein targets (750, 751, 783–785). However, small selective chem-
ical compounds can also be used, sometimes providing the necessary specificity to
highlight different subsets of PG-synthesizing enzymes (178, 786).

Outer membrane. In Gram-negative bacteria, the peptidoglycan is covered by an
additional outer membrane (OM) layer that functions as a molecular sieve keeping out
noxious environmental compounds (787, 788). The interior side of this asymmetric lipid
bilayer is lined with phospholipids, while glycosylated lipids (mainly lipopolysaccharide)
constitute the outer leaflet (693, 789). This unusual membrane environment is home to
lipoproteins that are embedded in the lipid layer via a lipid side group and to integral
membrane proteins (named outer membrane proteins [OMPs]) that span the entire OM
(790). The complex nature of the OM paves the way for a myriad of specific labeling
strategies but also presents some obstacles. Below, we will discuss a variety of ap-
proaches that target different components of this membrane compartment and sup-
port its single-cell imaging, in turn fostering deeper insight into this Gram-negative
barrier.

The application of fluorescently labeled lipophilic dyes provides a low-disruptive
strategy to visualize the outer membrane cell lining. Originally, the use of these
membrane dyes in prokaryotic cell biology was rather limited (791), but now these dyes
are commercially available and widely used. Nonetheless, for many of these dyes,
conflicting reports exist on the specific lipid target that is labeled upon application. For
example, the commonly used fluorescent lipophilic dye FM 4-64 was first reported as
an inner membrane dye using plasmolyzed, filament-forming E. coli pbpB mutants
(792). Later on, however, it was clearly shown by Lewenza et al. (696) that both FM 4-64
and FM 1-63 specifically stain the outer membrane of Gram-negative bacteria since no
plasmolysis bays were formed in response to a hyperosmotic shock. These selective
styryl dyes are expected to be unable to cross membranes due to their amphiphilic
nature and therefore get trapped in the outermost bilayer. The main application of
membrane dyes, such as FM4-64, lies in highlighting the outer edge of bacterial cells
to improve the tracking of this structure visually or in cell tracker programs (696, 698,
793–795). However, these fluorescent, membrane-intercalating dyes can also be used
as a tool in more elaborate strategies. For example, Kotte et al. (796) were able to show
that the characteristic population growth lag time seen in clonal E. coli populations
after a carbon source shift is caused by the phenotypic diversification into growers and
nongrowers rather than a temporary population-wide growth stop. These researchers
designed a flow cytometry-based experimental method to uncover these different
growth phenotypes based on the use of membrane dyes to follow the cells’ fluores-
cence intensity distribution over time. By pulse-labeling just before the nutrient shift, a
population homogeneously labeled with the specific fluorescent dye was obtained. As
these cells grow and divide, the concentration of the dye molecules attached to the cell
membrane will decrease depending on the amount of binary fissions the cell has
undergone. As the fluorescence of each cell halves per generation, the dye loss (after
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subtraction of the unspecific dye loss) can serve as a useful proxy for an individual cell’s
growth history in the new environment. In another more mechanistic study, lipid dyes
were used to visualize lipid transfer dynamics between spatially adjacent Myxococcus
cells. Here, Ducret et al. (698) mixed a population of cells labeled with DiO, a small C18

backbone dye that intercalates into the lipid layer, with unlabeled cells. Since the DiO�

cells only carry a finite amount of dye molecules in their membranes, the transfer of
membrane material can be noticed by an increase of fluorescence in the receiving cells,
while the signal of the donor decreases as in a system of communicating vessels.

The need for exogenous addition of lipophilic reagents can be inconvenient and
labeling the outer membrane by tagging fluorescent proteins with endogenous local-
ization signals can be a valuable alternative (696, 698). Because all OM proteins have to
cross the periplasmic space to reach their destination, only specific fluorescent probes
can be used (see “Periplasmic space”). Ducret et al. (698) applied this strategy to
investigate the exchange of OM proteins in the lipid transfer dynamics between
Myxococcus cells by equipping sfGFP with an OM signal sequence, and demonstrated
that physical contact between a labeled donor and an unlabeled recipient resulted in
fluorescent OM labeling of the latter cell, indicative of protein transfer between both.

For a long time, the behavioral and organizational features of OMPs have remained
unclear. However, direct fluorescent tracking of their movement has provided new
means to investigate their spatiotemporal dynamics. Translational FP fusions are com-
monly used as the method-of-choice for investigating the localization of cytoplasmic,
inner membrane, and periplasmic proteins (797) but have been known to inhibit OMP
maturation. Another downside of such an approach is that the generated fluorescent
signal does not exclusively stem from incorporated proteins in the OM but can also
carry contributions from unincorporated OMPs still residing in the cytoplasmic and
periplasmic space. Therefore, other strategies that focus solely on proteins that are
exposed at the cell surface are more common in OMP research. Taking advantage of the
high affinity of � phage tails for the E. coli LamB maltoporin, Gibbs et al. (137) came up
with a tagging strategy that exploits purified � tails labeled with Texas Red for
time-lapse microscopy of its localization pattern on the outer membrane. Later, Ursell
et al. (779) thought of a new method to increase resolution during the visualization of
the OMP incorporation pattern by using an epitope tag that only turns fluorescent after
reacting with an exogenously added transferase enzyme at the extracellular surface.
This method thus utilizes a sequence-specific labeling system, based on the Sfp
phosphopantetheinyl transferase, that can covalently link single fluorophores to a
genetically encoded 20-residue peptide tag inserted into a native surface-exposed
external loop of LamB (798, 799). Ursell et al. (779) reported that the protein appears at
discrete punctae before getting further dispersed over the cell surface during cell
elongation, making room for new patches of OM material added in discrete bursts over
time. In contrast, during the absence of cellular growth, these punctae remain virtually
immobile. This probe has the additional advantage that the peptide tag and covalently
attached fluorophore are physically small compared to FPs and other probes previously
used to study OMP surface motion (137, 800); this therefore minimally perturbs the
protein dynamics while offering higher spatial resolution.

More recently, Rassam et al. (801) visualized the OMP turnover dynamics in E. coli.
This process is tightly controlled to ensure the right array of OMPs are present to
comply with the requirements set by the ecological niche the bacterium resides in
(790). Long-time tracking of OMPs, such as the vitamin B12 transporter BtuB and the
iron siderophore transporter Cir, can be achieved with fluorescently labeled colicin
molecules (ColE9 and ColIa, respectively) (802). These colicins were modified with
disulfide bonds to block their import into (and toxicity to) bacterial cells (803) and are
covalently bound to organic fluorophores (Alexa Fluor 488 [AF488] or tetra-methyl
rhodamine [TMR]) to enable fluorescent visualization.

The most important building blocks of the bacterial outer membrane are lipopoly-
saccharides (LPS) since they add an additional layer of protection and stabilization to
the outer leaflet of this Gram-negative structure (804). LPS molecules consist of three
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core regions: (i) the hydrophobic lipid A, which is embedded in the outer membrane;
(ii) a core oligosaccharide built up from nonrepeating saccharide units such as heptose
and 3-deoxy-D-manno-oct-2-ulosonic acid (KDO); and (iii) an O-antigen made up of
small, repeating oligosaccharides (804). Visualizing LPS on the outer cell leaflet can be
accomplished by either metabolically incorporating residues into the structure that
later can be covalently linked with fluorescent dyes (181, 805, 806) or by using
conjugated dye molecules specifically targeting native LPS on the cell surface (807–
811). The first strategy relies on the endogenous cellular machinery to assimilate
modified monosaccharides containing bio-orthogonal chemical tags into the LPS mol-
ecules (181, 812) and is further followed by chemical ligation with a fluorescent label
once the LPS is externalized. Since KDO is a specific component of the core oligosac-
charide and forms the linkage to lipid A in many Gram-negative species, this molecule
presents an attractive candidate for labeling (181, 813, 814). Dumont et al. (181) were
the first to test the LPS-specific KDO pathway for its tolerance toward the incorporation
of azide-modified KDO molecules (8-azido-3,8-dideoxy-D-manno-octo-2-ulosonic acid
[KDO-N3]) in the inner core of Gram-negative lipopolysaccharides. These researchers
assumed that if cell penetration for this analogue was sufficient, activation and incor-
poration would follow, thereby replacing a part of the endogenous KDO in the LPS
molecules. Combining these bio-orthogonal analogues with click chemistry, Dumont et
al. (181) were indeed able to label this most outer layer in different, metabolically active
bacteria. More recently, this technique also proved useful for selective imaging of
Gram-negative bacteria in the mouse gut (806). Alternatively, conjugated fluorophores
containing an LPS-specific binding moiety can assist in highlighting the external
lipopolysaccharides. For example, concanavalin A can label the glucose and mannose
residues of the O antigen (807–809) when added externally to the growth medium.
Furthermore, also fluorescently labeled polymyxin B nonapeptide (PMBN) enables the
detection of fluctuations in the LPS level on the cell surface via the interactions of its
positively charged diaminobutyric acid (Dab) residues with negative charges on lipid A
(810, 811).

Extracellular macromolecular complexes. The cell bodies of both Gram-negative
and Gram-positive bacteria are lined with surface-exposed macromolecular complexes
and structures that span the entire cell envelope reaching from the outside world down
to the cytoplasm. These nanomachines (encompassing inter alia flagella, pili, and
secretion systems) play a pivotal role in many essential processes such as cell-cell
communication, pathogenesis, motility and biofilm formation (500, 503, 504, 815–820).
Early experiments focusing on their visualization mainly relied on electron microscopy
techniques to provide nanoscale resolution, requiring harsh conditions while only
providing a very limited view on the time dynamics (821). Dark-field light microscopy,
on the other hand, was able to improve this temporal information, but the large
amount of light scattered by the cell bodies in this technique brings about a flare effect,
obscuring detailed observations of molecular complexes close to the cell surface.
Visualization of nanomachines with fluorescence microscopy eliminates most of the
problems associated with the aforementioned techniques, albeit not without posing its
own limitations. Since the assembly scheme and extracellular localization of these
anchored appendages can cause difficulties in tolerating bulky probes such as FPs or
fluorescence-conjugated antibodies (821–825), small synthetic fluorophores are gen-
erally used to label nanomachines, enabling their dynamics in the extracellular space to
be recorded and quantified (821, 822, 826–833). Because flagella are seen as a paradigm
for how molecular complexes can be built outside of living cells (834), we will focus on
these particular nanomachines in the following section to showcase different labeling
approaches that allow for spatial and/or temporal monitoring (Fig. 8).

Bacterial flagella are whip-like protein organelles that protrude from the cell body
and are assembled from thousands of flagellin subunits exported to the extracellular
space through a flagellar type III secretion system. These bacterial propellers get their
energy from ion gradient-driven rotary motors anchored in the cell envelope and
play an important role in cellular locomotion (835–841). Generally, bacterial propulsion

Bacterial Vivisection Microbiology and Molecular Biology Reviews

December 2020 Volume 84 Issue 4 e00008-20 mmbr.asm.org 51

https://mmbr.asm.org


follows a characteristic scheme of linear runs discontinued by random tumbling events,
the length and frequency of both depending on the chemical gradients in the envi-
ronment. Over the decades, it has become apparent that depending on the number of
flagellar filaments and their location on the cell body, the detailed swimming behavior
can vary immensely between species. The Howard Berg group at Harvard University

FIG 8 Labeling extracellular molecular complexes with fluorescence. Schematic overview of commonly used strategies to label extracellular structures in
bacteria, exemplified by a flagellum case study. Bulky probes such as fluorescence conjugated antibodies and (auto)fluorescent proteins (boxes 1 and 2,
respectively) targeted to specific subunits of the nanomachine may lead to visualization artifacts. Therefore, smaller labeling probes are often used to minimize
the influence of the label on the extracellular complex. Fluorophore-linked succinimydyl (NHS) esters (box 3) can react with the primary amine (R-NH2) group
on the N-terminal and lysine residues found in proteins on both the cell body and the proteinaceous flagellum, fluorescently labeling mostly the latter because
of its higher primary amine-to-surface ratio. Thiol-reactive maleimide dyes (box 4) can increase the signal-to-noise ratio as they form covalent bonds with free
sulhydryl (-SH) groups, naturally occurring in relatively small numbers on the cell surface. Through minor genetic modifications (i.e., insertion or removal of
cysteines), the desired extracellular structure can be highlighted with this type of dye. Both of these strategies (boxes 3 and 4) enable the imaging of living
cells but do not support real-time staining as specific chemical conditions and long staining periods are required. Small hybrid probes, such as tetracysteine
tags (TC; here exemplified by -C-C-P-G-C-C-) (box 5), do allow live staining of complexes on the outer shell of the bacterial cell since unbound labels are low
fluorescent and reaction conditions are mild. (Box 6) Dyes such as NanoOrange that specifically interact with the hydrophobic membrane may also be used
for real-time imaging in strains where membrane sheaths cover the molecular nanomachine.
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were the first to develop a method that supported fluorescent visualization of single
flagella in a way that did not affect bacterial motility and allowed for real-time
spatiotemporal tracking of the filament movement in Gram-negative bacteria (822).
Using succinimidyl (NHS) esters conjugated to specific Alexa Fluor dyes, these research-
ers were able to light up all the flagella across the cell envelope (i.e., peritrichous
flagellation) of the E. coli bacterium and succeeded in obtaining a detailed picture of
their individual behavior throughout propulsion, even when filaments crossed over the
cell surface. These amino-specific dyes covalently react with primary amine (R-NH2)
groups found on the N terminus and lysine residue side chains of proteins on both the
cell body surface and the proteinaceous flagellum, where they more densely label the
latter because of the higher primary amine-to-surface ratio (Fig. 8, box 3). Following a
dye incubation period and subsequent washing steps, Turner et al. (822) could prove
that counterclockwise rotation of all flagellar motors makes the filaments form a
coherent bundle that pushes the cell forward into a linear run. This trajectory ends
when the rotation of one or more motors reverses into clockwise orientation, leading
to bundle disassembly and random tumbling of the cell body until the start of a next
run. More recently, Kinosita et al. (842) used a similar approach based on Cy3-NHS
esters to stain flagella in Burkholderia and decipher the swimming motility of this
symbiotic bacterium. To further limit background fluorescence from deeper in the
sample (�200 nm), these researchers exploited a state-of-the-art TIRF microscopy setup
and found a peculiar locomotion strategy in which the flagella wrap around the cell
body in a screw-like pattern propelling the bacterium forward. Since the same type of
flagellar behavior was seen in other symbiotic bacteria, it was hypothesized that this
type of motility might support movement through mucus-filled narrow passages in the
symbiotic host.

Succinimidyl (NHS) esters support the labeling of the flagellum structure without the
need for any genetic modifications, but this aspecific primary amine tagging inevitably
produces large amounts of background fluorescence. Over the years, other methods
have been developed relying on minor genetic modifications to more specifically
highlight the desired extracellular structure, thereby increasing the signal-to-noise ratio
(827, 830, 833, 843–845). Thiol-reactive maleimide dyes depend on a combination of
genetics and click chemistry to allow covalent bonds to be formed between the organic
compound and free sulfhydryl (-SH) groups on proteins covering the cell surface (Fig.
8, box 4) (821). This milder reaction is more specific and selective than NHS ester
tagging since sulfhydryl groups are not that numerous compared to primary amines,
and their amount can be easily adjusted via incorporation and removal of (nonper-
turbing) cysteine residues. The specific location of these cysteine residues in the target
protein is rather critical as resolution and signal strength are highly affected by their
intramolecular position (821). Furthermore, serine and threonine are the preferred
cysteine substitution partners because those exchanges are less likely to disrupt protein
folding and maintain similar nucleophilic properties after the replacement (821, 843,
844, 846–848). Since thiol groups are sparsely scattered over the cell body and the
extracellular appendages, performing the same staining procedure with a noncysteine
knock-in control strain to detect technical artifacts is pivotal (821). In the past, maleim-
ide dyes have been used to label flagella, not only providing insight into how bacteria
regulate motility (843) and flagellar assembly (849) but also unveiling the dynamics of
flagellar growth (846, 847). Both Turner et al. (846) and Paradis et al. (847) addressed the
longstanding question of what happens to the growth dynamics of flagella when they
are damaged by shear force experienced in the environment. By consecutively labeling
flagella to saturation with two (846) or three (847) colors, respectively, both groups
showed that flagella can resume growth after encountering mechanical shearing
forces. It is worth mentioning that neither amino- nor sulfhydryl-specific dyes support
real-time staining since specific chemical conditions and long staining periods are
required. However, a temporal dimension can be obtained in these experiments by
either following the dynamics of a previously stained surface structure (e.g., flagellar
movement) (822) or using a consecutive staining protocol (e.g., flagellar regrowth)
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(846). A second important remark is that maleimide dyes can be used in Gram-positive
strains (843, 850) as well, in contrast to NHS ester dyes that were found to produce toxic
side effects in these species (822). Reviews and protocols on amino- or sulfhydryl-
specific staining can be found in studies by Ellison et al. (821) and Turner and Berg
(845).

Real-time visualization of flagellar assembly dynamics is, however, supported by
several other techniques that do facilitate “under the microscope” staining (828, 833).
Zhao et al. (833), for example, developed a method using an optimized tetracysteine
tag (TC tag; see “Hybrid tags”) introduced into the flagellin protein to enable dynamic
labeling and tracking of single-flagellar growth (Fig. 8, box 5) (40, 827). This improved
TC tag (FMNCCPGCCMEP) (851) increases the binding affinity of the tetracysteine motif
to the biarsenical dyes FlAsH and ReAsH, making it possible to perform high-resolution
fluorescence imaging of extracellular nanomachines without the need for washing
away the low-fluorescence, unbound labeling reagents (833). Consequently, these
studies were able to shed some new light on flagellar assembly dynamics, a process
that is still poorly understood and well-debated (828, 829, 846, 852–855). Early work on
this topic exploited electron microscopy (856) and dark-field light microscopy (857) to
suggest that the flagellar growth rate decreases exponentially with increased length
of the filament. However, this was contradicted by later work (846, 855) proposing
flagellar growth to be independent of filament length and maintaining a constant
growth pace throughout the process. In contrast to these earlier studies, Zhao et al.
(833) were able to track flagellar assembly in real-time on a single cell for extended time
periods, rather than observing different cells at specific time points followed by a
population-based analysis (846, 856–858). This new level of resolution showed that the
flagellar growth speed in E. coli displays large intercellular fluctuations but remains
rather constant on the single-cell level, being paced by the intracellular flagellin
concentration (833). Furthermore, these real-time measurements also indicated an
overall decreased assembly speed with increasing filament length, albeit large varia-
tions in growth rates could be seen among flagella of similar length. Around the same
time, Chen et al. (828) made similar observations using a different real-time labeling
approach and model system. They exploited the bacterium Vibrio alginolyticus that
provides the benefit of carrying a single polar flagellum (i.e., monotrichous) (859, 860)
covered by a membrane-like sheath (861) synchronously following the growth pattern
of the flagellar filament (828). This unique feature allows the use of fluorescent dyes
such as NanoOrange (862), targeting the hydrophobic membrane and enabling high-
resolution fluorescence imaging of newly growing filaments without any intermittent
washing steps (Fig. 8, box 6). Since NanoOrange does not engage in the formation of
covalent bounds, the labeling speed of this dye is very fast (�1 min), ensuring direct
visualization of the growing filament.

CONCLUSIONS AND FUTURE PERSPECTIVES

The use of fluorescence microscopy in bacteriology has clearly deepened our
understanding on the inner workings of these organisms, turning long-standing the-
ories into visual observations and even paving the way for completely new paradigms
on their intracellular architecture. Starting a little over 2 decades ago, the quest for new
and improved (auto)fluorescent proteins instigated a broader movement searching for
more advanced fluorescent probes, eventually culminating in a novel hybrid probe
type that combines the genetic specificity of (auto)fluorescent protein fusions on the
one hand and the exquisite spectral properties of chemical dyes on the other. As this
greenhorn is gradually maturing into a versatile and practical tool, the two more
traditional probe types [see “(Auto)fluorescent proteins” and “Chemical dyes”] are still
being used routinely in cell biology.

Especially during the last decade, these great strides in fluorescent probe develop-
ment have been accompanied by advancements in fluorescence imaging modalities,
thereby increasingly defying the diffraction limit and the traditional trade-off between
spatial and temporal resolution. Foremost, the increasing dissemination of super-
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resolution and single-molecule microscopy is bringing researchers closer to further
unraveling the internal, bacterial architecture by enabling vivisection at the nanometer
level.

In addition to the clever use and combination of (emerging) fluorophores and
imaging modalities, additional drivers toward unrivaled vivisection of microorganisms
will stem from the further development of microfluidics and image analysis approaches.
These will support an increase in the spatial and conditional accommodation and
command of cells, as well as the throughput and quantification of monitored features.
In fact, full maturation and integration of these approaches will in turn also enable
genetic and chemical phenomics screens with an unprecedented throughput and intra-
and intercellular resolution, which are poised to fuel future discoveries.

It can be concluded that the maturation of fluorescence microscopy in all of its
aspects has revolutionized cell biology and will keep on doing for the period to come.
Much of the future ground-breaking work can be expected at the intersection of
fluorescence microscopy and other disciplines, drawing upon their particular strengths
to create new perspectives.
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